POLYSACCHARIDE AND SILVER NANOPARTICLES BASED HYDROGELS,
POROUS MATERIALS, AND SENSORS
By
Muhammad R. Hossen
B.S. (Honors), University of Dhaka, Bangladesh, 2011
M.S., University of Dhaka, Bangladesh, 2013

A DISSERTATION
Submitted in Partial Fulfillment of the
Requirement of the Degree of
Doctor of Philosophy
(In Chemistry)
The Graduate School
The University of Maine
May 2020
Advisory Committee:
Michael D. Mason, Professor, Department of Chemical & Biomedical
Engineering, Co-operating Professor, Department of Chemistry, Advisor
Carl P. Tripp, Professor, Department of Chemistry
Scott D. Collins, Professor, Department of Chemistry
William M. Gramlich, Associate Professor, Department of Chemistry
Robert W. Meulenberg, Associate Professor, Department of Physics

xix
i

Copyright 2020 Muhammad R. Hossen

xix
ii

POLYSACCHARIDE AND SILVER NANOPARTICLES BASED HYDROGELS,
POROUS MATERIALS, AND SENSORS
By Muhammad R. Hossen
Dissertation Advisor: Dr. Michael D. Mason
An Abstract of the Dissertation Presented
in Partial Fulfillment of the Requirement of the
Degree of Doctor of Philosophy
(In Chemistry)

May 2020
Abstract
Cellulose based hydrogels and porous materials are gaining significant attention
across a wide range of applications due to the natural abundance, biodegradability and
physicochemical tunability of this polysaccharide. Cellulose nanofibrils (CNF) outperform
cellulose fibers in terms of physicochemical tunability since CNF possess relatively high
surface area. However, superior dispersibility of CNF in aqueous phase makes it
challenging for traditional methods to dewater CNF suspensions to fabricate robust
hydrogels and porous materials. In this dissertation, a novel scalable capillary based
method to dewater CNF suspensions is invented as well as CNF hydrogels and porous
materials with a broad range of porosity and mechanical properties were generated. CNF
hydrogels and porous materials were further modified by creating a chemically crosslinked semi-interpenetrating (semi-IPN) network in the CNF matrices to enhance the
mechanical robustness of these materials. Silver Nanoparticles have been incorporated
xix

into these semi-IPN networks to generate robust surface enhanced Raman scattering
(SERS) substrates for trace level detection and quantification of organic molecules.
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CHAPTER 1

INTRODUCTION

Polysaccharides, such as cellulose, starch, glycogen, pectin, and chitin, are
naturally sourced sustainable biopolymers. Due to the abundance in nature, high
tunability of the physicochemical properties such as hydrophilicity, hydrophobicity and
surface charge, biocompatibility, and biodegradability, these biopolymers have been
widely investigated across a broad range of applications such as packaging materials,
fluid absorbent, insulation and electronic materials, automotive body parts, as well as in
energy, sensing, and biomedical applications [1–3]. However, commercially available
materials for these applications are mostly composed of non-biodegradable petroleumbased polymers such as polyurethane, polyethylene, and polystyrene. These materials
are difficult to recycle since their low density makes sorting by float separation
challenging and, due to slow degradation, if they end up in the environment last hundreds
of years [4,5]. Therefore, petroleum-based materials pose a significant threat to the
ecosystem. Due to this drawback, there is a strong desire to produce these materials
from biodegradable, and sustainable biopolymers.
Among the polysaccharide family, cellulose is the most abundant sustainable
polymer on the earth [6]. Cellulose and its derivatives are widely used in multidisciplinary
applications such as biomedical, composite processing, reaction support matrices,
sensing, absorbent, food processing, packaging and insulation applications [7–9].
Recently, the nanoscale materials made from cellulose, commonly known as cellulose
nanofibrils (CNF), has gained significant attention. The relatively high specific surface
1

area, the abundance of accessible hydroxyl groups and superior dispersibility of CNF in
water offer great advantages in terms of turnability of the physicochemical properties of
the material [10]. Therefore, CNF and its composites have been used as additives as well
as main matrix components for various applications such as tissue engineering, wound
dressing, sensor, moisture and gas barrier, oil absorbent and rheology modifier [11–13].
For these applications, most common types of materials, fabricated from cellulose and its
derivatives, and nanoscale fibrils (CNF), are porous gels (hydrogels, aerogels, and
foams), films, membranes, and high-density robust materials.
To maintain the “green” status of the material, fabrication of cellulose based
products often require water being used as the solvent system throughout the process.
Therefore, high dispersibility and large surface area of the cellulose fibers in water is
crucial for the fabrication of gels, films, membranes and robust dense materials with
tunable physicochemical properties, form the aqueous suspensions of the cellulose
fibers. Moreover, due to the agglomeration of fibers at dry state, CNFs are manufactured
and preserved as aqueous suspensions to maintain the nanoscale dimension of the
fibers. Due to the higher affinity to water compared to cellulose pulp, the removal of a
large quantity of water from the CNF suspensions to fabricate hydrogels and porous solid
materials become challenging. This complexity often increases the fabrication and
processing cost of these materials. Therefore, development of scalable methods for
controlled dewatering and drying of the CNF suspensions has drawn significant attention
in the field of cellulosic material research [14]. Moreover, CNF aerogels and hydrogels
often lose their 3D structural integrity and mechanical robustness in water which causes
failures of these materials in aquatic environment applications. Therefore, improvement
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of these properties the CNF gels is essential for specific applications requiring prolonged
exposure to water. These materials, when used for chemical and biological sensing
applications, such as surface enhanced Raman scattering (SERS) substrates, requires
the incorporation of plasmonic nanoparticles in the CNF matrices to enhance sensing
ability of the substrates [15].
In this dissertation, the invention of a controlled dewatering method (capillary
dewatering) coupled with controlled drying to fabricate CNF gels with varying mass
fraction of water, and foams and aerogels with varying densities, porosities, and
mechanical stiffness is described. A novel fluid saturation method based on silicone oil
was developed to characterize the porosity of these foams and aerogels.
In a separate project, porous gels with plasmonic silver nanoparticles (AgNPs)
incorporated were also prepared by this dewatering method to test their effectiveness as
SERS substrates. Surface charge of the AgNPs and CNF has been tuned to improve the
dispersity of AgNPs in the CNF matrices. A range of porosities was also investigated in
this study to optimize the nanoparticles’ proximity to each other (hot spots), mechanical
robustness of the substrates, and sample solution uptake volume.
In a separate project, CNF hydrogels prepared by the capillary dewatering method
was further modified via incorporation of methacrylate functionalized carboxymethyl
cellulose crosslinking network in the CNF gel matrices to enhance the robustness of these
hydrogels in aqueous environments. Application of these methacrylate crosslinked gels
as Raman and SERS substrates to preconcentrate, detect and quantify organic analytes
in aqueous environments has also been investigated thoroughly. Physicochemical
modifications of these gels such as the incorporation of AgNPs, application of chemically
3

crosslinked hydrophobic coatings on the substrate surfaces and tuning of porosity have
been conducted to improve preconcentration efficiency and achieve parts-per-trillion (ppt)
level sensing capabilities. The Raman and SERS signal intensities of probe molecules
from these substrates’ surfaces are also predicted, and a simplified model is developed
to explain the SERS signal intensity trend from the substrate surfaces.

4

CHAPTER 2
BACKGROUND AND THEORY

In this dissertation, polysaccharide-based hydrogels and porous materials
fabrication methods, such as capillary dewatering and freeze drying, chemical
crosslinking of the cellulose chains for robust hydrogels fabrication, synthesis and
stabilization of colloidal silver nanoparticles (AgNPs), and the application of the plasmonic
nanoparticles incorporated polysaccharide gels as Raman and Surface Enhanced
Raman scattering (SERS) substrates for trace level water pollutants detection are
investigated. In this chapter, relevant theories regarding the above studies are discussed.
2.1 Polysaccharide Gels
Polysaccharides such as starch, cellulose, pectin, chitin, glycogen, carrageenan,
alginates, arabinoxylans etc. are naturally sourced, sustainable and biodegradable
biopolymers [16]. Chemically, polysaccharides are formed by glycosidic linkages between

Figure 2.1 Chemical structure of a polysaccharide (starch)
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carbohydrates such as monosaccharides. Polysaccharides generally contain more than
ten monosaccharides. General molecular formula of polysaccharides can be written as
Cx(H2O)y. Plants and animals are the most common sources of polysaccharides on the
earth [17]. Polysaccharides have both hydrophilic (-OH groups) and hydrophobic
(pyranose ring) moieties in the structure (Figure 2.1).
Polysaccharide based gels are widely investigated for various applications due to
the tunability of the physicochemical properties, intra and intermolecular hydrogen bond
formation capability, and the natural abundance and sustainability of these polymers [2].
Most commonly investigated materials prepared from polysaccharides are hydrogels,
membranes, foams, and aerogels. The abundance of hydroxyl groups on the surface,
fiber entanglement, and intra/intermolecular hydrogen bonding allow polysaccharide
matrices to generate a 3D scaffold to retain a significant amount of water leading to the
formation of hydrogels with a range of water contents. In addition to hydrogen bonding
and fiber entanglement, electrostatic interactions such as the addition of multivalent metal
salts also assist in the polysaccharide-based hydrogel formation [18–20]. Chemical
functionalization of polysaccharides to form covalent linkages or utilizing a crosslinking
agent to form covalent bonds between polysaccharide chains are also common practice
to form polysaccharide-based robust gels. Interpenetrating and semi-interpenetrating
networks of two or more matrices are also used to generate polysaccharide-based gels
[21,22]. In an interpenetrating (IPN) gel, all the matrices are uniformly mixed and
covalently bonded whereas in a semi-interpenetrating (semi-IPN) network, only one
matrix is covalently bonded while the other matrices are physically trapped or entangled,
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and/or hydrogen bonded to each other. A schematic of these structures is illustrated in
Figure 2.2.

Figure 2.2 (a) Interpenetrating (IPN) and (b) Semi-interpenetrating (semi-IPN) network
of two polymer matrices

When air is dispersed in these gels instead of water, polysaccharide gel matrices
are referred to as foams and aerogels. Controlled drying such as freeze drying,
supercritical CO2 drying, and spray drying can generate highly porous low density
materials such as foams and aerogels from the polysaccharide hydrogels. Nanoporous
materials with low density, high porosity and specific surface area (≥ 25m2/g) are
commonly known as aerogels whereas foams are referred to as lightweight and
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microporous materials with a comparatively lower surface area (< 25m2/g) than the
aerogels [23].
2.2 Cellulose Nanofibrils (CNF)
Cellulose is the most abundant sustainable polymer among polysaccharides [6].
Structurally, cellulose is a linear polymer formed by β (1→4) linkages between D-glucose
molecules (Figure 2.3).

Figure 2.3 Chemical structure of cellulose

General molecular formula of cellulose can be written as (C6H10O5)n. The most
abundant source of cellulose in the nature is the plant cell wall. Cellulose has the ability
to form intra and intermolecular hydrogen bonding. Due to this ability, cellulosic pulp,
obtained from plants and trees, has been used to prepare traditional paper [24].
Nanoscale fibers made from cellulosic pulps are called cellulose nanofibrils (CNF) (Figure
2.4).

Figure 2.4 Cellulose nanofibrils in cellulose fibers from plant cell wall
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Table 2.1 Width / diameter of CNF from different sources and preparation methods [27]
Source

Mechanical

Pretreatment

Width (nm)

none

10 – 100

Treatment
Sulfite softwood pulp

High Pressure

Sugarcane bagasse

Homogenization

30

Sugar Beet Pulp

10 – 100

Date Palm tree Rachis

5 - 10

Radiata Pine

5 -15

Soybean stock, pods

Cryocrushing

50 - 100

Soy Hulls

20 - 120

Wheat Straw

10 - 80

Bleached Craft Eucalyptus

Enzymatic

20

Pulp

5 - 20

Bleached Sulfite Pulp

20 - 40

Bleached Sulfite Softwood
Pulp
Sulfite Softwood Pulp

Carboxymethylation

5 - 15

Bacterial Cellulose

TEMPO Mediated

3 - 100

Oxidation
Bleached Sulfite Softwood

3-5

Pulp
Cotton

3-5

Hardwood Bleached Kraft

5

Softwood Pulp
Cotton

Grinding

Softwood potato pulp

None

20 - 90
12 - 55

Wood Pulp

20 - 90
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Nano/micro fibrils of cellulose are often referred to as Microfibrillated cellulose (MFC),
cellulose nanofibrils (CNF), nanofibrillated cellulose (NFC), nanocellulose (NC) and
cellulose nanofiber (NF) [25]. CNF is produced and stored as aqueous suspensions to
preserve the nanoscale dimension of the fibers. Usually the diameter of the fibrils is in the
nano or microscale dimension whereas the length could be a few hundred microns [26].
Due to the high surface area, CNF is uniformly dispersed in water and more suitable for
surface chemical modification compared to cellulosic pulp fibers. These properties make
CNF attractive candidate for multidisciplinary applications. The dimension and surface
area of CNF depends on the source of the fibers and fibrillation methods. Common
fibrillation methods are high pressure homogenization, grinding, electrospinning and high
intensity ultrasonication [10]. Pretreatment methods such as cryo-crushing, TEMPO
mediated oxidation, carboxymethylation, and enzymatic treatments are also carried out
to minimize the energy cost of the fibrillation step. The size dependence of the CNF on
the source of fibers, and fibrillation method is listed in table 2.1 [27].
2.3 Ice Templating and Freeze Drying
Ice templating followed by lyophilization (freeze drying) is a widely used technique
for fabrication of porous foams from polymer matrices. As illustrated in Figure 5, this
process involves freeze casting of polymer hydrogels in a mold to form ice crystals, and
subsequent sublimation of the ice crystals (freeze drying) to generate voids/pores in the
bulk matrices [28]. During the freeze drying process, low temperature and pressure are
applied on a sample so that these parameters coincide with the gaseous region
parameters as shown in the phase diagram of water (Figure 2.5). This method has been
reported to generate porous structure (void space) in the fiber networks. The size and
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order of the pore structures depend on the freezing technique and drying conditions. A
minimal or no shrinkage of the foams is observed during the freeze drying process [29].
Ice crystal formation is a very important step in the freeze drying of the aqueous
suspensions since it significantly influences the pore morphology. This process involves
the solidification of water (ice) and the exclusion of particles or fibers from the solidification
front of water [30,31]. Briefly, interfacial energy between solid-liquid (σsl ), solid-particle
(σsp ) and particle-liquid (σpl ) phases governs the process thermodynamically. Solid
exclusion and ice crystal formation can be correlated by the following equation,
Δσo = σsp − ( σsl + σpl ) > 0

(2.1)

The exclusion of particles/ fibers also depends on the balance between the
repulsive force between solid front and the particles/fibers (Fσ ), and the attractive drag
force (Fη ). The equations the respective forces are as below:
Fσ = 2πRΔσo (ao ⁄d)
Fη =

6πηvR2
d

n

(2.2)
(2.3)

Where, R = radius of the particles, ao = average molecular distance, d = distance between
particle/fibers and ice front, n = constant (1 to 4), 𝜂 = suspension viscosity, v = ice growth
velocity.
During the freeze casting process, the cooling temperature and the rate of cooling
controls the morphology of ice crystals in aqueous suspensions. It has been reported that,
at low temperature and high cooling rate, solidification is dominated by nucleation rather
than large crystal formation. Therefore, freeze drying of these suspensions generates
11

small pores with higher isotropy. In contrast, cooling aqueous suspensions at higher
freezing temperature and low cooling rate generates larger ice crystals. The cooling
period has also a significant effect on the ice crystal morphology. When cooled at longer
period of time, smaller ice crystals grow further, and create an interconnected network.
Therefore, freeze drying of the samples prepared by this method would yield more
interconnected, lamellar or columnar pores in the respective samples. The solid content
in the suspension also controls the porosity and pore size of the materials. At higher solid
content, due to the presence of less water, the frequency of ice crystal formation is
comparatively low. Therefore, dense gels with isotropic small pore size are generated
after freeze drying these samples. In contrast, freezing and freeze-drying the suspensions

Figure 2.5 Phases of an aqueous suspension during freeze drying process

12

with lower solid content would yield low density foams and aerogels with large pores, and
high anisotropy.
2.4 Capillary Action in Porous Substrates [32–34]
The movement (vertical/horizontal) of a liquid through a narrow space such as a
tube or narrow void spaces in a porous material is commonly known as capillary action.
Capillary action dominates the absorption of wetting fluid by a porous absorbent.
Therefore, a hydrophilic porous matrix can potentially dewater aqueous suspension of
CNF. The adhesive force between the water molecules in the CNF suspension and the
narrow channel formation materials act as the driving force to move fluid through the
channel. The gravity and the cohesion force (surface tension) between the molecules in
the fluid act against the capillary movement of the fluid molecules through the channel.
For example, when a narrow glass tube is submerged in a water bath, a rise of water level
inside the tube is observed (Figure 2.6A). The extent of the fluid level rise due to capillary
action depends on the radius of the capillary tube and the wettability of the tube material

Figure 2.6 Capillary tubes submerged in (A) water and (B)
liquid mercury bath.
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by the fluid. Generally, narrow tubes favor the capillary rise of water more compared to
wider tubes (Figure 2.6). A concave meniscus is formed at the upper surface of the liquid
column inside the narrow capillary tube due to the surface tension and adhesive force
between water and the glass surface (Figure 2.6A). In contrast, a convex meniscus is
observed when a capillary tube is submerged in a liquid mercury bath due to the repulsive
force between the glass surface and mercury molecules, and attractive force between
mercury molecules (Figure 2.6B). The rise of liquid in a capillary tube can be modeled by
Jurin’s law:

h=

2γ cos θ
ρgr

(2.4)

Where, h = rise of the liquid in the capillary tube, γ = surface tension of the liquid, Ө =
contact angle of the liquid on the capillary tube surface, ρ = density of the liquid, g =
gravitational force, r = radius of the tube
According to this law, the capillary rise of a wetting liquid is inversely proportional to the
diameter of the capillary channels. However, the movement of liquid through a narrow
channel can occur in all direction in a porous media. In that case, the capillary action
depends on the wettability of the porous media materials by the fluid of interest and the
pressure difference across the air-water interface (meniscus), ∆P. This can be modeled
by the Young-Laplace equation:
ΔP =

2γ cos θ
r

(2.5)

The capillary rise approximation (for a highly wetting, low contact angle surface; cos   1 )
can be used into the Young-Laplace equation:
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ΔP =

2γ cos θ 2γ
≈
= ρgh
r
r

(2.6)

Time (t) for the liquid of a specific viscosity (η) to travel a certain height or length in a
porous wetting media can be described using the Lucas-Washburn (LW) equation:

t=

4h2 η
2γr

(2.7)

The capillary progression of a wetting liquid, and the time for a specific quantity of liquid
progression inside a porous medium can be modelled using equation 2.6 and 2.7.
2.5 Plasmonic Metal Nanoparticles Synthesis and Colloidal Stability
Particles with at least one dimension <100 nm are commonly known as
nanoparticles. Metal nanoparticles are broadly used for sensing applications. For
example, plasmonic nanoparticles are used for the fabrication of surface enhance Raman
spectroscopy (SERS) sensors. Among plasmonic nanoparticles, silver and gold are the
most widely used nanoparticles for SERS sensors. Several methods such as reduction
of metal ion precursor (colloidal nanoparticles), metal vapor condensation, laser ablation,
and mechanical abrasion of solid metal blocks have been investigated to fabricate metal
nanoparticles [35–37]. However, laser ablation, metal vapor condensation and
mechanical abrasion methods have certain limitations such as poor control over size,
dispersity and stability of the particles, and complexity of the method. In contrast, the
synthesis of colloidal nanoparticles by reduction of metal precursor offers good control
over these parameters. Every colloidal system consists of two phases: (1) dispersed
phase (nanoparticles), and (2) dispersion medium [38]. Figure 2.7 illustrates a simplified
synthesis scheme of colloidal metal nanoparticles using a reducing agent.

15

Figure 2.7 Synthesis of colloidal metal nanoparticles by reduction of a metal precursor
Among metal nanoparticles, synthesis and application silver and gold
nanoparticles have been investigated widely for environmental and biosensing
applications due to their plasmonic effects [35,39,40]. One of the most popular methods
for Au colloid synthesis is Turkevich method where chloroauric acid is reduced by sodium
citrate. Using the same reducing agent (sodium citrate) and AgNO3 as silver precursor,
Ag nanoparticle synthesis method was developed by Lee-Meisel. However, this method
generates silver nanoparticles of broad size distribution. A relatively less time-consuming
method, known as Creighton method, generates silver nanoparticles with comparatively
narrow size distribution. In this method sodium borohydride (NaBH4) is used as a reducing
agent to reduce AgNO3 precursor. Most of the traditional Ag and Au nanoparticle
synthesis methods are based on the 3 methods discussed above. While the metal
precursor is reduced to elemental metals as illustrated in figure 2.7, the formation of nuclei
also progresses. Nanoparticle formation, as illustrated in Figure 2.8, is a combination of
nucleation and growth of metal particles. This mechanism is known as LaMer mechanism
[41]. According to this mechanism, nanoparticles formation occurs in three steps: (1)
increase of monomers (metal atoms) in the solution due to the reduction of metal
precursor, (2) due to a rapid increase of nucleation the monomer concentration decreases
dramatically, which is known as burst nucleation, and (3) addition of the monomers to the
nuclei due to controlled diffusion of monomers from the solution to nuclei. Due to the high
solubility and surface energy, smaller particles can redissolve allowing further growth of
16

Figure 2.8 Nucleation and growth of metal nanoparticles from
reduced metal atoms.
larger nanoparticles. This mechanism is known as Ostwald ripening. Digestive ripening
or anti-Ostwald ripening can also occur. In this mechanism, larger particles can redissolve
giving rise to a large number of smaller particles. Besides the above-mentioned
mechanisms, simultaneous nucleation and growth of particles, and growth of a particle
by diffusion of monomers along the surface of the respective particles are also proposed
by Finke-Watzky and Peng et al respectively.
The collision of the particles with each other due to multiple forces, such as
Brownian motion and gravity, can cause aggregation of the particles. Therefore, Stability
of the nanoparticles against aggregation and sedimentation is one of the most important
properties of the colloidal nanoparticles. Colloidal stability depends on the attractive and
repulsive forces between the nanoparticles and their surrounding environments. Van der
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Waals force between two particles cause them to coagulate and sediment out from the
colloidal suspensions. Colloidal particles can be stabilized against aggregation and
sedimentation by two methods: (1) Electrostatic stabilization and (2) Steric stabilization
[42]. Electrostatic stabilization of the colloidal particles can be explained from DLVO
theory. According to this theory, stability of a colloidal system depends on the two
opposing forces between the nanoparticles: (1) van der Waals (attractive force, V A) and
(2) electrostatic interaction (repulsive force, VR), Therefore, the net force, VT = VA + VR
(Figure 2.9).

Figure 2.9 Attractive and repulsive forces in colloidal particles (DLVO
theory)
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The repulsive force between the colloidal nanoparticles arises from the electric
double layer on the nanoparticle surface. Electric double layer forms on the surface of a
charged nanoparticle dispersed in an electrolyte medium (Figure 2.10). The charge on
the metal particle surface can arise from multiple phenomena such as ionization of
surface groups of the particles, charged crystal surface of a particle, and adsorption of
specific ions on the surface. Generally, electric double layer consists of a stern layer and
diffuse layer on the surface of a charged particle. Counterions from the electrolyte tend
to align along the charged surface of the metal particles, creating an electric double layer.
The compact layer on charged particle surface and counterions is known as stern layer.
The adjacent comparatively loosely bound layer is called the diffuse layer. The interface
between the diffuse layer and the bulk is known as the slipping plane. The surface
potential is the highest at the charged surface with an exponential drop to zero at the bulk
(Figure 2.10). The potential at the slipping plane is called zeta potential. The value of zeta
potential is used to express the stability of an electrostatically stabilized colloidal system
in the field of colloid and surface science. Generally, any colloidal suspension with zeta
potential value ≥ (+ or -) 20 mV is considered as a stable colloid. When two particle
surfaces come close together, the repulsion between the electric double layers on the
surface of the nanoparticles acts against the attractive van der Waals force, consequently
stabilizing the particles against aggregation and sedimentation. The thickness of the
double layer can be expressed by Debye length,
ɛKT
κ−1 = [ 2
]
e Ʃi ci zi2

(2.8)
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where, ɛ= dielectric constant, K = Boltzmann constant, T = absolute temperature, e =
elemental charge, z = valency, c = concentration of electrolyte. From equation 2.8, the
thickness of the Debye length decreases with the increase of electrolyte concentration
reducing the stability of colloids. This phenomenon is known as the screening effect.
Colloidal particles can be stabilized against aggregation by adsorption of polymers
on the surface of the nanoparticles which act as a steric barrier on the nanoparticles’

Figure 2.10 Electrostatic stabilization of metal nanoparticles
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surface. When two sterically stabilized nanoparticles come closer together due to
Brownian motion and gravity, the repulsion between the surface adsorbed layers prevent
them to aggregate or coagulate (Figure 2.11). However, the polymers used for steric
stabilization of colloids are required to have affinity for both the dispersion medium and
the nanoparticles’ surfaces. For example, when the dispersion medium is aqueous, a graft
polymer or co-polymer having both a hydrophobic part to anchor on the nanoparticles’
surface, and a hydrophilic part to interact with the aqueous solution are often used for
steric stabilization of colloidal suspension. The effectiveness of the steric stability
depends on two important factors: (1) extent of coverage of the surface by the adsorbed
polymers, and (2) the thickness of the adsorbed polymer layer on the surface. Generally,
3 types of phenomena are observed when polymers are adsorbed on a nanoparticle’s
surface: (1) flat adsorption on the surface, (2) random coil adsorption, and (3) trains
adsorption (loops and trails). Flat adsorption provides intimate contact with the
nanoparticles’ surface with the polymer and greater surface coverage. However, in this
type of adsorption, the thickness of the adsorbed layer is comparatively low. In the random
coil adsorption process, a greater thickness of the surface adsorbed polymer layer is
achieved due to the formation of a polymer chain loop on the surface. However, this
adsorption process provides poor surfaces coverage with fewer surface contact points
which can result in two unfavorable situations for colloidal stability: (1) depletion of steric
barrier, and (2) bridging flocculation. Due to the depletion of the steric barrier,
nanoparticles can aggregate by van der Waals forces, specially at high shear conditions.
Also, common polymer chains can be adsorbed onto the depleted regions of multiple
nanoparticle surfaces giving rise to a unique situation called bridging flocculation. Both of
the above phenomena result poor colloidal stability. In the trains adsorption process,
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Figure 2. 11 Steric stabilization of metal nanoparticles
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greater surface coverage is achieved compared to the random coil process due to
multiple contact points of the polymer chain on the nanoparticle surface. A loop and tail
of the polymer assembly on the surface of the nanoparticles, formed throughout this
multiple contact process, plays a key role in the colloidal stabilization. The loops of the
chains provide primary thickness to the steric layer whereas tails provide an extension of
the steric barrier beyond the primary layer. The solvation layers on the tails provide
additional stability since direct contact collision of two nanoparticles surfaces require
exclusion (squeeze out) of this tail solvation layer.
2.6 Scattering and Raman Spectroscopy
Scattering of electromagnetic irradiations are investigated to study the interaction
between light and matter in Raman spectroscopy. This method is commonly used for the
detection, identification and quantification of molecules in a system. When an
electromagnetic radiation such as light is incident on an object/particle, redirection of the
irradiated light occurs due to the interaction between light and matter. Common
phenomena such as reflection, refraction, diffraction etc. are different forms of scattering
[43]. When light hits an object, scattering occurs in all directions. Backscattering (180 o),
normal scattering (90o), and forward scattering (0o) are the most common geometry of
scattering studied in spectroscopy (Figure 2.12). Based on the types of interaction
between light and matter, scattering can be classified as elastic, inelastic and quasielastic scattering [44]. The wavelength of the incident light and the scattered light does
not change by interacting with matter in the elastic scattering. Rayleigh scattering and
Mie scattering are the most common examples of elastic scattering. By definition, if the
wavelength of the incident light is larger than the scattering particles, the elastic scattering
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Figure 2.12 Scattering geometry of light irradiated on an object

phenomenon is called Rayleigh scattering. In contrast, Mie scattering refers to the elastic
scattering by the particles equal to or larger than the wavelength of the incident light. A
dimensionless size parameter, x, can be used to express the correlation between
scattering particle radius, incident wavelength, and scattering type. The size parameter,
x, can be described as:

x=

2πr
λ

(2.9)

Where, r = radius of the particles and λ = wavelength of the incident light.For Rayleigh
scattering, x << 1 and for Mie scattering, x ⁓ 1. When the value of x is >> 1, the
phenomena is called geometric scattering, which can be described by laws of geometric
optics. In quasi-elastic scattering, wavelength/frequency changes due to the Doppler
effect. In inelastic scattering, such as Raman scattering, the wavelength/frequency of the
incident light changes by interaction between light and matter. A Jablonski diagram is
often used to explain the difference between elastic (Rayleigh) scattering and inelastic
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(Raman) scattering. From Figure 2.13, in a scattering phenomenon, a molecule in a
specific vibrational-rotational state can be excited to a virtual vibrational state by incident
photons.

Figure 2.13 Jablonski diagram of (a) Rayleigh and (b)&(c) Raman
scattering of a molecule irradiated by light (d) Filtration of Rayleigh
scattering using an optical filter.

There are three possible ways a molecule returns to its original vibrational state
from the virtual sate: (1) molecules can return to their original vibrational-rotational state
(Rayleigh scattering), (2) molecules return to higher rotational energy state of their original
vibrational state (Stoke’s scattering), and (3) molecules return to the lower rotational
energy state of their original vibrational state (anti-Stoke’s scattering) (Figure 2.13d).
Among these phenomena, Rayleigh scattering is the most dominant scattering. In this
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type of scattering, the energy of the scattered photons remains same as the energy of the
incident photons. In Raman scattering the energy of the scattered light is either less
(stoke’s) or more (anti-stoke’s) than the energy from the incident photons. The scattering
intensity is also dependent on the wavelength of the incident light. This relationship can
be expressed as follows:

Iα

1
λ4

(2.10)

Where, I = intensity of scattered light, λ = wavelength of the incident light.

Figure 2.14 Peaks corresponding to Rayleigh, stokes and anti-stoke’s
scattering acquired by a spectrometer.

The possibility of occurring stokes scattering phenomenon is higher than the antistokes scattering (Figure 2.14) since at room temperature most of the molecules tend to
stay in a lower rotational-vibrational state (ground state). A simplified electromagnetic
theory can be applied to explain these scattering phenomena. According to this theory,
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the induced dipole moment by an incident electromagnetic field can be expressed as
follows:
P = αE

(2.11)

where, P = induced electromagnetic field on a molecule by incident light, α = polarizability
constant, and E = incident electromagnetic field. A non-zero change in the polarizability
tensor, α, is required for a molecule to be Raman active.
However, when an electromagnetic irradiation is incident on a molecule, the
possibility of the occurrence of Raman scattering phenomenon is significantly low
compared to Rayleigh scattering. It has been reported that only one in 10 6 photons
undergo Raman scattering. Therefore, studying Raman scattering had been a challenge
due to low signal intensity compared to Rayleigh scattering. However, with the
revolutionary advancement in optics, it has been possible to filter out Rayleigh scattering
from Raman scattering (Figure 2.13d). Therefore, Raman spectroscopy has been used
extensively to study molecular systems for detection, quantification and identification.
However, the interference of the autofluorescence from the samples is one of the biggest
challenges is the traditional Raman spectroscopy. To overcome this limitation, a
comparatively newer technique, Surface enhanced Raman spectroscopy (SERS), has
been widely used for trace level measurements. This technique takes advantage of the
electromagnetic field on the metal surface to enhance the Raman signal. Two theories
exist to explain SERS phenomenon: (1) charge transfer theory, and (2) electromagnetic
theory [45,46]. In charge transfer theory, a chemical (covalent) bond is formed between
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the analyte molecules to the metal surface. This phenomenon causes charge transfer
(dislocation/fixation) from the molecules to the metal surface, giving rise to the larger
change in polarization tensor of the molecules. Due to this effect, enhancement of the
Raman scattering is observed. For charge transfer, direct contact between the analyte

Figure 2.15 (a) Oscillating electromagnetic filed on a metal surface (b) Localized
Oscillating electromagnetic filed on metal nanoparticle surface (c) Hot spot
generation in the interstice of two metal nanoparticles. Yellow, orange and red
shed

on

the

nanoparticles

surface

represent

electromagnetic

Qualitatively, the magnitude of the field is: Red > Orange > Red.
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field.

molecules and the metal surface is essential. However, several studies have reported the
observation of SERS enhancement when analytes are in the vicinity of the metal particles
surface. This phenomenon can be explained from the electromagnetic theory. According
to this theory, an oscillating wave of free electrons which travels at the interface of metal
and dielectrics, generated by conduction band electron, is responsible for SERS
phenomenon (Figure 2.15). The amplitude of the oscillating electromagnetic wave decays
exponentially in both media (metal & dielectric). The amplitude of the electromagnetic
wave is the maximum in the dielectric medium. These oscillating electromagnetic waves
are called surface plasmons (SPs). SPs can couple with electromagnetic irradiation at the
right condition such as the momentum of incident radiation matching the momentum of
surface plasmons. These excited electromagnetic waves are called surface plasmon
polaritons. If the scattering metal particles are smaller than the wavelength of the incident
light, the surface plasmons are localized in a specific volume, commonly known as
localized surface plasmons (LSPR). When surface plasmons are excited by an incident
electromagnetic irradiation, the phenomenon is called localized surface plasmon
resonance (LSPR) (Figure 2.15b). Due to the resonance between an incident laser and
plasmon polaritons on a metal surface, enormous enhancement of the electromagnetic
field occurs. This phenomenon significantly changes the polarization of analyte molecules
present on or in close proximity of the nanoparticles’ surface enhancing Raman scattering
intensity from the respective molecules. The resulting signal intensity ISERS can be
expressed as follows:
ISERS ∝ │E(ω)│2 │E(ω′ )│2 ≈ │E(ω)│4
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(2.12)

Where, ISERS is the overall SERS signal intensity, E(ω) is the frequency-dependent
electric field at the incident frequency ω, and E(ω') is the frequency-dependent electric
field at the Stokes shift frequency ω'.
Several transition metals such as Pt, Ru, Rh, Cu, Fe, Co, Ni, Au, Ag have been
investigated to test their suitability as a SERS substrate. Among them, Au and Ag have
been used widely in SERS substrates since these metals have shown the most
substantial Raman signal enhancement. The correlation between overall Raman
scattering cross-section, SERS scattering factor, scattering particles size and distance
between the plasmonic metal surface and analyte molecules can be expressed by
following equations [47]:
σR ≈ σSCA GSERS

(2.13)

r6 m−1 2

σSCA ∝ λ4 |m+2|

m=

r

(2.14)
np
nm
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GSERS ∝ (r+d)

(2.15)

Where, σR = overall Raman scattering cross-section, σSCA = scattering cross-section of
the molecules, GSERS = SERS contribution to the overall scattering cross-section, r =
radius of the plasmonic particles, λ= wavelength of the incident light, np = index of
refraction of plasmonic particle material, nm = index of refraction of the medium, d =
distance of the analyte molecules from the plasmonic particle surface. From the equations
2.13 – 2.15, it can be concluded that: (1) SERS contribution to the Raman signal
decreases with the increase of the distance between analyte molecules and the
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plasmonic metal surface, (2) larger particles have large scattering cross section, and (3)
Raman scattering intensity increases with the increase of the frequency of incident
electromagnetic irradiation. Therefore, to optimize a plasmonic nanoparticles-based
substrate, the size of the nanoparticles should be chosen according to the wavelength of
the laser irradiation used for acquiring Raman spectra. Another consideration for
fabrication of nanoparticles-based substrates would be the distance between the surfaces
of the nanoparticles since the electromagnetic field enhancement on a plasmonic metal
nanoparticle surface also depends on this parameter. When the nanoparticles’ surfaces
are in close proximity to each other such that the surface plasmons from both of the
particles’ surfaces can couple, an additional significant enhancement of the local
electromagnetic field is observed. Therefore, the Raman signal from analyte molecules
in the interstices of plasmonic particles would be enhanced the most compared to other
locations. These geometric locations of a nanoparticles assembly in a SERS substrate
are commonly known as hot spots (Figure 2.15c). Therefore, an increase in the relative
quantity of hot spots in a SERS sensor would significantly improve the detection
sensitivity of the sensors.
2.7 Aims and Scope
Due to the higher affinity to water compared to cellulose pulp, the removal of a
large quantity of water from the CNF suspensions using currently available methods, such
as centrifugation and air/oven drying, to fabricate hydrogels and porous solid materials is
extremely challenging. This complexity often increases the fabrication and processing
cost of these materials. To address this issue, in the 3rd chapter of this dissertation, the
invention of a capillary based controlled dewatering method to fabricate CNF hydrogels
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with varying mass fraction of water, and foams and aerogels with varying densities,
porosities, and mechanical stiffness is described. In chapter 4, a novel fluid saturation
method based on silicone oil and other standard methods to characterize the porosity of
these foams and aerogels are discussed. These materials, when used for surface
enhanced Raman scattering (SERS) substrates, requires the incorporation of plasmonic
nanoparticles in the CNF matrices to enhance sensing ability of the substrates [15]. In the
5th chapter of this dissertation, immobilization of silver nanoparticles (AgNP) into these
materials in a controlled manner to fabricate SERS substrates is discussed.
CNF aerogels and hydrogels often lose their 3D structural integrity and mechanical
robustness in water which causes failure of these materials in aquatic environment
applications. To address this issue, in the 6th chapter of this dissertation, further
enhancement of the robustness of CNF hydrogels and aerogels by chemical crosslinking
strategy is discussed. In chapter 7, application of these robust gels as Raman and SERS
substrates to preconcentrate, detect and quantify organic analytes in aqueous
environments has also been described thoroughly. Physicochemical modifications of
these gels to improve preconcentration efficiency and achieve parts-per-trillion (ppt) level
sensing capabilities are also discussed in this chapter. A simplified model is also
presented in this chapter to explain the SERS signal intensity trend from the analyte
preconcentrated substrate surfaces. In the 8th chapter of this dissertation, several future
directions for the materials developed in this study have been proposed and discussed.
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CHAPTER 3
FABRICATION OF CELLULOSE NANOFIBRILS (CNF) BASED POROUS
MATERIALS BY CAPILLARY DEWATERING METHOD
3.1 Introduction
Cellulose nanofibrils (CNF) are prepared from aqueous suspensions of cellulose
pulps and stored as an aqueous suspension to preserve the nanoscale dimension of the
materials [14]. CNF hydrogels of varying fractions of water content are prepared by
dewatering and drying dilute aqueous suspensions of CNF. Controlled dewatering and
drying of CNF suspensions are crucial for tuning morphological and mechanical
properties of CNF gels such as porosity, density, specific surface area and modulus. CNF
hydrogels of varying mass fraction of water and CNF are used to generate CNF foams
and aerogels of a broad range of porosities and densities for applications such as sensing,
oil/water separation sponge, insulator, drug delivery, tissue engineering, and biomedical
implants [11]. Commonly used methods for dewatering and drying CNF suspensions are:
pressing, centrifugation, oven drying, freeze drying, spray drying, and supercritical CO2
drying [14,48,49]. Dewatering by pressing is a common method used in the pulp and
paper industry to generate paper-based products. However, this method does not offer
high tunability of the morphological and mechanical properties of the materials produced.
Removal of a significant amount of water from CNF suspensions by freeze drying is very
energy consuming process. The oven drying process is energy and time consuming, and
economically unfavorable for large scale production of porous materials. Moreover, there
is less or no control over the morphological and mechanical properties of the dried
products in the oven drying process. Centrifugation process is capable of dewatering CNF
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suspensions to a certain limit. However, when reached at relatively high solid content
(~>10 - 15%), further removal of water from the CNF suspensions by centrifugation
becomes extremely challenging. Spray drying and supercritical CO2 drying has also been
used for generating CNF foams and aerogels with high a surface area. However, the
spray drying technique is not suitable for the production of large size foams. Also, Industry
scale production of foams by the supercritical CO2 process is challenging. Therefore, a
combination of dewatering and drying method is required to generate CNF hydrogels and
porous solid materials of a broad range of porosity, density and mechanical properties.
Here, we have invented a novel industrially scalable method called capillary dewatering
combined with a controlled secondary drying method, such as freeze drying, to generate
CNF hydrogels and porous materials of a broad range of CNF content, porosity, density,
and mechanical properties.
3.2 Experimental
3.2.1 Dewatering and Drying of CNF Suspension
CNF suspensions in water (3wt% CNF), obtained from the University of Maine process
development plant, were used to dewater and prepare hydrogels and porous CNF
materials by capillary dewatering method. The CNF used in this study was prepared from
chemically bleached northern softwood pulp by mechanical refining, and the average fiber
diameter is 20 – 500 nm [50–52]. A porous (⁓60%) mold made of firebrick or refractory
brick (withstand temperature 1482 oC) was used for capillary dewatering of aqueous CNF
suspensions (Figure 3.1a). The fabrication process of CNF hydrogels, foams and
aerogels is shown in flow chart 3.1. Briefly, 1 – 3 wt% aqueous suspension of CNF was
transferred to the porous refractory brick mold. A removable porous cover made from the
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same material was installed on the top surface of the mold to assure that the suspension
is always in contact with the porous surface of the mold. An air circulation system was
installed outside the mold to reduce any vapor pressure buildup on the outer surface of
the mold. As the dewatering process progressed, hydrogel samples were collected at
specific time intervals for secondary drying (freeze drying/lyophilization) and further
analysis. The dewatering process was conducted both at ambient condition (25°C) and
at an elevated temperature (80 °C). Dewatered CNF hydrogels were subjected to freezing
at -80 oC for 24 hours for ice templating. Frozen samples were lyophilized at 50 mTorr for
24 hours to generate porous CNF materials.
Flow chart 3.1. CNF hydrogels, foams and aerogels fabrication by capillary
dewatering and freeze drying
Fill the mold with aqueous suspension of CNF

Removal of the dewatered hydrogels from the mold

Control temperature and/or pressure and/or airflow outside the mold

Freeze dewatered hydrogels at -80° C

Lyophilize (-82oC, 50 mTorr) the remaining water
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3.2.2 Porosity and Density Test
The porosity (P) of each freeze-dried sample was calculated from the mass fraction
of CNF (wcnf), density of CNF (ρcnf), the mass fraction of ice (wice) in the sample and
density of ice (ρice) using the following equation:
wice
ρ
Porosity(P) = w icew
cnf
ice
ρcnf + ρice

(4)

The density of ice used was 0.92 g/cm3. The density of the foams and aerogels were
calculated by the following equation
ρbulk = ρcnf ∗ P
where, ρbulk is the density of foams/aerogels, ρcnf = density of CNF and P = porosity of
foams/aerogels.
3.2.3 Water Retention Value (W.R.V.)
DI water was used to carry out the water retention value determination of rewetted
porous CNF materials. Samples of varying porosities were individually weighed and
submerged in water for 2 minutes, after which the samples were taken out from the water
and the excess surface water was removed by blotting with a Kimwipe. The water
retention values (W.R.V.) of the samples were calculated by the following equation:

W. R. V. =

Wwet − Wdry
Wwet

(3)

Where, Wwet = mass of the wet sample, and Wdry = mass of the dry sample.
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3.2.4 Materials Characterization
Micrometrics ASAP 2020 instrument was used for BET analysis. Samples were
degassed for 12 hours at 105 oC under vacuum before gas adsorption-desorption
experiment. Physisorption of nitrogen at the sample surfaces at 196 oC at a relative vapor
pressure of nitrogen (p/po) 0.05 – 0.30 was used for BET analysis.
SEM images of all samples were obtained using a Zeiss NVision 40 microscope.
Samples (2 mm thick) were mounted on aluminum metal stubs by double-sided adhesive
conductive carbon tape. Au-Pd sputtering was used to make the samples conductive.
The compression moduli of the samples were determined using a dynamic
mechanical analyzer (DMA) (Q8000 Thermal Analysis) with a compression fixture. A
constant compression strain rate experiment at 10% strain/min up to 30% total strain was
conducted on the samples (n≥8). The slope of the stress-strain curve in the limit of 1020% compressive strain was defined as the compression modulus of the samples. The
dimension of the samples was fixed at 4 mm diameter and 3 mm height.
3.3 Results and Discussion
The contact angle of a water droplet on the surface of the mold is effectively zero
due to the hydrophilic constituting materials, such as alumina and silica, and the porous
rough surface of the hydrophilic mold. Therefore, when 1 – 3 wt% aqueous CNF
suspension is transferred to the mold, water molecules start to migrate to the porous
structure of the mold from the CNF/mold interface (Figure 3.1b). This phenomenon
creates a concentration gradient of water molecules between CNF (aq) /mold interface
and bulk CNF

(aq)

matrix. Due to this, water molecules move towards the CNF
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(aq)/

mold

interface. In this study, no significant external pressure is applied to facilitate the
dewatering process. Besides the hydrostatic pressure of the aqueous suspension, only
nominal external force applied on the CNF suspension is the weight of the mold cover
(Figure 3.1a).
In general, the applied force is minimal in comparison to capillary pressure.
Therefore, the applied force has only a nominal effect on the dewatering process. This
nominal force helps in establishing a uniform pressure throughout the CNF suspension
and reduce the undesired air bubble entrapment throughout the process. Therefore, the
water removal is principally dependent on the capillary pressure or wicking that draws
water out of the suspension through the pores of the porous mold. Capillary pressure is

Figure 3.1 (a) Schematic of capillary dewatering mold (b) dewatering of aqueous CNF
suspension (c) dewatered hydrogel (d) freeze dried CNF gel
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governed mainly by the pore morphology such as size and tortuosity, the wettability and
thickness of the mold material. This may be expressed by the Young-Laplace equation:
𝛥𝑃 =

2𝛾 𝑐𝑜𝑠 𝜃
𝑟

(3.1)

where ∆P represents the pressure difference across a curved fluid-air interface, such as
the water meniscus within the pores of the mold; the contact angle, Ɵ represents the
wettability of the mold material; γ is the surface tension of the fluid, and r is the capillary
radius.
The difference in pressure (∆P) is responsible for moving the fluid from the inside of the
mold, through the pores in the mold walls, to the outside of the mold where it can simply
run off or evaporate. If the external applied force is nominally zero, then the capillary rise
approximation to the Young-Laplace equation can be used (shown here for a highly
wetting, low contact angle surface; cos   1 ):

𝛥𝑃 =

2𝛾 𝑐𝑜𝑠 𝜃 2𝛾
≈
= 𝜌𝑔ℎ
𝑟
𝑟

(3.2)

However, an external pressure can be applied on the end cover of the mold. According
to Pascal’s Principle of hydraulics, the pressure inside of the mold will be the same
everywhere and equal to the applied force, F, over the area, A, of the cover. This
additional pressure can be included in the equation 1:
∆𝑃 = [

2𝛾 𝑐𝑜𝑠 𝜃 𝐹𝑎𝑝𝑝𝑙𝑖𝑒𝑑
+
]
𝑟
𝐴𝑐𝑜𝑣𝑒𝑟 𝑚𝑎𝑥

(3.3)

Therefore, applying external pressure has the potential to expedite the water removal
process. However, the application of external pressure was not tested in this study. The
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wicking action modeled by the Young-Laplace equation described above, in the absence
of other forces, produces a dewatering time that can be described using the LucasWashburn (LW) equation:
4𝐿2 𝜂
𝑡=
2𝛾𝑟

(3.4)

Where, t is the time it takes a fluid of viscosity, 𝜂, and surface tension, γ, to travel length
L in a cylindrical capillary of radius r. For a typical mold material (e.g. wherein L=30mm,
r=10 microns [53]), according to the LW equation, the entire length of the pore is expected
to be filled within only a few seconds. However, for a tortuous porous system, this time
could increase significantly. In this study, using a 5-gallon size mold filled with a CNF
suspension (~1wt%), the capillary action alone withdrew about 2 gallons of water from
the suspension in the mold in about 5 hours. Since the void volume inside the mold
material is approximately 7.2 dm3 (60% porosity), the mold materials have the capability
of absorbing about 7.2 L water from the suspension. When the void space of the mold is
filled up with water, further dewatering depends on the exclusion of water from the mold
due to the hydrostatic pressure, pressure due to the weight of the cover installed on the
top surface of the suspension, and the evaporation of water molecules from the external
surface of the mold. An air circulation system installed on the outer surface of the mold
helps removing any kind of vapor pressure build up on the external surface of the mold
and maintaining a constant evaporation rate. However, the rate of dewatering is not
constant throughout the process (Figure 3.2). At ambient condition, the water removal
rate continues to decrease during the first 20 hours of dewatering period. After 20 hours,
a constant water removal rate is observed. Multiple phenomena could be responsible for
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this biphasic behavior of water removal rate at ambient condition. Initial high rate of water
removal is due to instantaneous migration of water molecules from CNF(aq)/mold interface
into the porous structure of the mold. While travelling throughout the mold, the rate of
water travelling through the structure tends to slow down due to tortuous structure of the
porous network of the mold materials. Moreover, as water molecules leave the bulk
matrix, the ratio of CNF to water molecules starts to increase.

Figure 3. 2 Water removal rate from aqueous CNF suspension
vs capillary dewatering time

From Figure 3.3, a linear increase in CNF wt% in the bulk matrix is observed with the
increase of dewatering time. Therefore, the relative quantity of hydroxyl groups available
to form hydrogen bonding with water molecules, and in between CNF also increases with
dewatering. Therefore, water molecules are most likely to be bound closely to CNF by
extensive hydrogen bonds. This phenomenon makes it difficult to further remove water
from the CNF hydrogel. The quantity of water removed from the CNF(aq) matrix is 7 L in
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Figure 3. 3 Mass fractions of CNF relative to water in CNF
⁓5 hours at ambient condition, which is approximately same as the pore volume in the
mold materials. Therefore, in 5 hours water molecules fills up the void space inside the
hydrogel vs capillary dewatering time
mold. As the mold void volume is filled up with water, due to the hydrostatic pressure of
aqueous CNF suspension, water molecules tend to run off along the outer surface of the
porous mold. However, as the dewatering rate decreases significantly, the next phase of
water removal is mostly dominated by evaporation of water molecules from the external
surface of the mold. The constant water removal rate (Figure 3.2) suggests that, the water
molecules migration from CNF(aq) matrix to porous structure, and evaporation from the
external mold surface reaches to a steady state in 30 hours. At ambient condition, this
steady state rate of water removal was observed for the rest of the dewatering period (up
to 128 hours). From Figure 3.2, when heat is applied (80oC) to the external surface of the
mold, the biphasic dewatering rate shows an increasing trend compared to ambient
condition dewatering
process.
dewatering
in elevated
environment
Figure 3.
5 MassThe
fraction
of CNF rate
relative
to watertemperature
in CNF
increases about 1.5 – 3-fold until it reaches to a steady dewatering rate. Similarly, a
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hydrogel vs capillary dewatering time

significant (⁓10 – 15-fold) increase in the water removal rate is observed in the capillaryevaporative phase of the dewatering process. Since the refractory brick is not a highly
conductive material, a small increase in the dewatering rate is observed during the nonsteady state dewatering at elevated (80° C) temperature. Once all the pores in the mold
is saturated, water molecules reach the outer surface of the mold. Consequently, water
molecules evaporate rapidly from the mold surface at elevated temperature condition.
Therefore, at high temperature, a significant increase in the water removal rate is
observed during the steady state phase of dewatering compared to the ambient condition.
Due to this increase in water removal rate, wt% of CNF in the suspension also increases
rapidly (⁓4 – 5 times) at elevated (80oC) temperature compared to the ambient condition.

Figure 3. 4 porosity (%) and density of hydrogel samples
(capillary dewatered) after freeze drying

From Figure 3.4, CNF gels of a broad range of porosity (~75 – 99%) and density (0.01 0.18 mg/cm3) were fabricated by freeze drying capillary dewatered CNF hydrogels of
varying wt% of water. Void spaces are created inside the frozen dewatered hydrogel
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samples due to the sublimation of the ice crystals in the CNF gels under vacuum (50
mTorr, -80oC) during the freeze-drying process (Figure 3.1c&d). Therefore, ice crystals
act as a porogen (pore forming agent) in this controlled drying process.
The freezing method significantly influences the structure of ice crystal in CNF
matrices, which in turn determines the porous structure of freeze-dried CNF gels. When
flash frozen in liquid nitrogen, smaller ice crystal formation is observed in CNF matrices
since the crystal formation is likely to be dominated by nucleation process [30]. In contrast,
freezing at lower temperature for prolonged period of time is likely to generate larger
dendritic type ice crystals. In this study, since samples were stored at -80oC for 48 hours,
a dendritic interconnected network of ice crystals are likely to form in the CNF matrices.
Therefore, an interconnected porous network is expected to exist in the CNF gels after
freeze drying of the samples. The interconnected porous structure in the respective
freeze-dried CNF gels is exhibited in the SEM images of the samples (Figure 3.5). Figure

Figure 3. 5 SEM of (a) 95%, (b) 90%, (c) 85%, (d) 80%, and (e) 75% Freeze
dried CNF gels.
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3.6 also exhibits that, qualitatively, the pore size of the freeze-dried gels decreases with
the decrease of void fraction/porosity (or increase of CNF fraction) of the gels. This
observation is also supported by the ice templating theory of CNF gels. The wt% of
water/ice also determines the void fraction/porosity in the CNF gels. Approximately, a 9%
volume increase occurs when water is frozen from liquid state [54]. Therefore, the %
porosity in the freeze-dried CNF gels are expected to be higher than the wt% of water
present in the CNF gels prior freeze drying.

Figure 3. 6 Water retention value (W.R.V.) vs porosity of capillary
dewatered and freeze-dried CNF foams and gels

For most of the applications of porous CNF materials, large internal pore volume
is an essential property. To assess the suitability of these materials, prepared by capillary
dewatering and freeze drying, for specific applications such as drug delivery, protein
delivery and water filtration, the water retention values of the gels were tested. From
Figure 3.6, the water retention value of the CNF gels increases linearly with the increase
of porosity. However, the volume of water retained inside these porous materials are
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Figure 3. 11 Water retention value (W.R.V.) vs porosity of capillary

slightly less (⁓3 - 10%) than the total pore volume inside the CNF foams and gels. A
possible reason for this phenomenon could be the shrinkage of the total volume of the
CNF gels while removing the wet gels from water bath after soaking in water due to pore
collapse. Due to the less CNF-CNF hydrogen bonding in the highly pours freeze dried
CNF gels, the surface area of the materials also increases with the increase of porosity
(Table 3.1).
In lower porosity gels, due to high density and relatively greater CNF fraction in

Table 3.1: Specific surface area of
freeze-dried CNF gels
Porosity (%)

Surface Area (m2/g)

98

15.5657

95

15.7486

90

13.8164

85

13.4441

80

13.4076

75

12.1132

the gels to form extensive intra and intermolecular hydrogen bonds compared to high
porosity samples, dense,
stiff3.1:
and Specific
low specific
surface
areaofmaterials are achieved after
Table
surface
area
freeze drying of the samples.
Therefore,
the compression modulus of the CNF foams and
freeze-dried
CNF gels
aerogels is expected to
increase
with the
decrease
of porosity
Porosity
(%)
Surface
Area
(m2/g) or increase of CNF content.
Form Figure 3.7, about
in the compression modulus of the porous CNF
988-10-fold increase
15.5657
95

15.7486

90

13.8164
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85

13.4441

materials is observed with the increase of CNF content from ~ 12% to ~20% (decrease
of ⁓20% porosity in the samples) or increase of density from ~0.02 – 0.16 mg/cm3.

Figure 3. 7 Compression modulus of freeze-dried CNF gels of
different porosity
3.4 Conclusions
CNF hydrogels with a wide range of CNF content such as >1 – 30 wt% CNF are
generated successfully from aqueous suspensions of ~1 – 3 wt% CNF using the capillary
dewatering method. The dewatering time and rate can be tuned by controlling the
temperature of the environment surrounding the capillary dewatering mold. Freeze drying
coupled with capillary dewatering method generates porous CNF materials from the CNF
hydrogels with a broad range of density (0.01 – 0.18 mg/cm3), porosity (~75 – 99%),
specific surface area (12 – 15 m2/g), and compressive modulus (⁓2000 – 14000 kPa).
The pore size distribution of the foams and aerogels prepared by this method tends to
shift towards smaller pore diameter with the increase of CNF content in the gels due to
the resistance of increased amount of CNF against larger ice crystal formation during the
ice templating step. Compressive modulus of the porous CNF materials increases with
47

the increase of CNF content in the samples due to the high density and increased amount
of hydrogen bonding in the samples.
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CHAPTER 4
A COMPARATIVE STUDY OF METHODS FOR POROSITY DETERMINATION OF
CELLULOSE BASED POROUS MATERIALS
4.1 Introduction
Foams and aerogels with high porosity, low-density, and large specific surface
areas are widely used for a broad range of applications such as packaging materials, fluid
absorbents, insulation, and in automotive body parts as well as in energy and biomedical
applications [55–57]. However, commercially available foams and aerogels are mostly
composed of non-biodegradable petroleum-based polymers such as polyurethane,
polyethylene and polystyrene. These materials are difficult to recycle because of their low
density results in high transportation costs. In addition, if they end up in the environment
or landfills, they will last hundreds of years [4,5]. Due to these drawbacks, there is a strong
desire to produce these materials from biodegradable and sustainable biopolymers.
Among currently available biopolymers, cellulose is the most abundant sustainable
polymer on the earth [6]. Therefore, cellulose is gaining significant attention for the
applications mentioned above. In order to improve and develop the potential of these
materials for specific applications, a number of physicochemical properties must be
accurately measured. Porosity and pore size are critical properties for a broad range of
applications. However, methods to characterize the porosity of cellulose based foams
and aerogels are not well established.
Several studies have reported the preparation of cellulose based porous materials
by supercritical CO2 drying methods where the porosity of these materials was
investigated by image analysis [58], Barrett-Joyner-Halenda (BJH) gas sorption analysis
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[59], and geometric methods [60]. Cellulose fiber-based foams and aerogels have also
been prepared by freeze drying. The porosity of these materials was characterized by
bulk and skeletal density calculation [61] and geometric methods [62]. Some studies have
also reported the fabrication of porous cellulose based materials by the addition of
foaming agents followed by oven drying [7,63]. The porosity of these materials was
determined using the geometric method (this is the only method authors of above articles
used).
Cellulose nanomaterials (CN) such as cellulose nanocrystals (CNC) and cellulose
nanofibrils (CNF) provide an advantage over cellulose pulps for many applications since
they have high surface area offering good surface turnability and better dispersion in
aqueous solvents [64]. Freeze drying has been used widely to prepare CNC based foams
and aerogels. The porosity of these materials has been determined by density
calculation(Yang et al. 2015), image analysis [66], and geometric methods [67].
However, for most foam applications, CNF is more suitable than CNC due to CNFs’
higher flexibility, fibrous network and ability to form a strong 3D porous network when
dehydrated [68,69]. Several studies have reported fabrication of CNF based highly
porous materials by freeze drying where the bulk density and porosity of these materials
have been measured by image analysis [70], geometric measurements [71–75], BJH and
mercury intrusion porosimetry [76]. Ciftci et al. reported the fabrication of high porosity
CNF foams by freeze drying and supercritical CO2 drying methods. The porosity of these
materials was also determined by geometric measurements [77].
Unfortunately, due to the variability in physical properties of highly porous cellulose
foams and aerogels such as irregular shape, surface roughness, broad pore size
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distribution, and low compressive modulus, accurate measurement of the porosity of
these materials using the conventional methods such as geometric measurements,
mercury porosimetry, BJH and image analysis is quite challenging [78–82]. Here, we
report the porosity characterization of a series of low density nanocellulose based foams,
using these traditional measurements as well as a novel application of a fluid saturation
method, using silicone oil. This fluid saturation method is less complicated and of much
lower cost than other methods that require specialized instrumentation and is
independent of the requirement for regularity/uniformity of size and shape, the nature of
the pore morphology/distribution, and the robustness of the samples. To our knowledge
this new method, and a thorough comparison of other industrial methods for determining
porosity in foams of this type, has not previously been reported in the literature. For the
ease of comparison, porosity values measured by all of the methods were compared to
a calculated value using the absolute density, and the mass fraction of CNF and ice in
the CNF suspensions prior to lyophilization. Though we have focused here on porous
CNF materials, this new silicon oil saturation method is, in principle, applicable to any
polysaccharide-based porous material prepared by standard methods.
4.2 Experimental
4.2.1 Preparation of Porous CNF Materials
CNF suspensions in water (3wt%), obtained from the University of Maine Process
Development Center, were used to prepare porous CNF materials. The CNF used in this
study was prepared from chemically bleached northern softwood pulp by mechanical
refining, and the average fiber diameter is 20 – 500 nm [50–52]. CNF foams were
prepared using a modified version of a previously described method [83]. Briefly, CNF
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suspensions were partially dewatered, by capillary action, in a porous ceramic vessel
placed in an electric oven at 80°C to generate final suspensions of ~8 – 35% CNF. The
dewatered suspensions were removed to a Pyrex container where they were gently
shaped into a regular rectangle by light pressing. These suspensions were then flashfrozen by submerging the Pyrex container in a liquid nitrogen (-196° C) bath. The samples
were subsequently lyophilized (50 mTorr, -86° C) to generate dry regular shaped CNF
materials with varying porosities.
4.2.2 Porosity Measurements from Mass and Density Calculation (Mass-Density
Method)
During the freeze-drying process, in the ice templating step, at temperatures well
below the freezing point of water, the total volume of the sample increases due to the
volume expansion of water freezing [84]. Therefore, instead of water, the mass and
density of ice in the samples were used for the porosity calculation of the freeze-dried
gels. The mass of the CNF suspensions before and after freeze drying was measured by
an electronic balance. The freeze-dried gels are further degassed at 105° C for 8 hours
to remove residual bound water in the samples which was not removed during freeze
drying step due to stronger interactions of water molecules with cellulose [85]. The bulk
density, ρb, of the freeze-dried gels were calculated from the ice content of the gels prior
to freeze drying as
wc
ρb = w
wi
c
ρc + ρi

(4.1)

Where, wc is the freeze-dried (degassed) mass of CNF, ρc = density of CNF (1.5
g/cm3)[86], wi = mass of ice in the sample calculated from the mass difference of the
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frozen and the freeze-dried (degassed) samples, and ρi = density of ice (0.92 g/cm3). The
porosity, P, was then estimated by equation 2.
𝑃 =1−

𝜌𝑏
𝜌𝑐

(4.2)

Data from 5 samples of each specific porosity were used for statistical analysis.
4.2.3 Porosity Calculation by Geometric Method
The volume of the samples was calculated by multiplying the three dimensions of
the CNF blocks measured by a caliper. Trimming these porous CNF samples into regular
shape is challenging due to the compressive failure of the highly porous CNF materials
[50]. However, it was assumed that each block was a regular rectangular solid. Mass of
the samples was measured by an electronic balance. Porosity (P) of these materials was
measured by the equation 4.3 and 4.4:
𝜌𝑔 =

𝑚𝑐
𝐿𝑊𝐻

(4.3)

Where, ρg, bulk density of freeze-dried CNF samples measured by the geometric method,
mc, is the mass of the freeze dried CNF samples, and L, W, and H is the length, width,
and height of the CNF block respectively.
𝑃 = 1−

𝜌𝑔
𝜌𝑐

(4.4)

5 measurements on each sample were carried out, and the data was used for statistical
analysis.
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4.2.4 Mercury Intrusion Porosimetry
Autopore IV from Micromeritics was used for carrying out mercury intrusion
porosimetry measurement on the CNF samples of varying porosity. Two step
measurements were performed: (1) low pressure, 7-345 kPa and (2) high pressure, 345
kPa to 414 MPa. The surface tension and the contact angle were assumed to be 485
dyn/cm and 130o, respectively. Pore volume and pore size distribution of the porous CNF
samples were calculated with the standard Micromeritics supplied software package.
Porosity (P) of the freeze-dried CNF gels was calculated from the cumulative pore volume
and the absolute density of cellulose by using the equation 4.5.

𝑃=

𝑉𝑝 ∗ 𝜌𝑐
𝑉𝑝 ∗ 𝜌𝑐 + 𝑤𝑐

(4.5)

Where, 𝑉𝑝 = total cumulative pore volume (cm3), 𝜌𝐶 = density of CNF (1.5 g/cm3) [87], 𝑤𝑐 =
mass of CNF (g). Porosity data from 5 trials of each sample was used for statistical
analysis.
4.2.5 Barrett-Joyner-Halenda (BJH) Measurements
An ASAP 2020 instrument (Micrometrics) was used for BJH data acquisition. Prior
to measuring the nitrogen adsorption/desorption isotherms, samples were degassed at
105° C for 8 hours. Physisorption of nitrogen on the sample surfaces at -196o C was used
for pore volume calculation. The total pore volume per unit mass of the samples obtained
by the BJH analysis was used to measure porosity, shown in equation 4.5. Porosity data
from 5 trials of each sample was used for statistical analysis.
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4.2.6 Scanning Electron Microscopy (SEM)
An NVision 40 microscope (Zeiss) was used to obtain SEM images. Samples of 2
mm thickness were mounted on aluminum metal stubs using a double-sided adhesive
carbon tape. Both surfaces and cross-sectional images of samples were recorded. An
opensource image analysis software package, ImageJ, was used to estimate the crosssectional pore area of CNF foams and aerogels. The contrast between the pore area and
sample area was optimized by adjusting the threshold in the ImageJ program. The
porosity of these samples was calculated by the following equation:

𝑃=

𝐴𝑝
𝐴𝑡

(4.6)

Where, P = porosity, Ap= pore area, At= total area of the image. 30 images per sample
were used to perform statistical analysis.
4.2.7 Porosity Calculation by Silicone Oil Saturation Method
A 5-poise silicone oil standard (Fisher Scientific) was used to saturate the CNF
foams and aerogels, and as bulk liquid for volume displacement. Freeze-dried CNF
samples were further dried at 105° C for 8 hours to remove surface bound water. After
degassing the mass of the samples was recorded and placed in silicone oil for 5 hours.
After soaking, excess surface silicone oil was removed simply by wiping, and the mass
of the CNF samples with silicone oil filled pores was recorded. The bulk volume of the oil
saturated samples was measured by volume displacement with a standard graduated
cylinder partially filled with silicone oil. The bulk volume of the freeze-dried CNF samples
was assumed to be equal to the displacement volume, VF.D..
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The freeze-dried CNF sample bulk displacement volume, VF.D. results were
compared with the bulk volumes calculated by equation 4.7, VM.D., using the mass and
density of the CNF and the silicone oil penetrated inside the porous structure of the
samples.
𝑉𝑀.𝐷. =

𝑤𝑐 𝑤𝑠
+
𝜌𝑐 𝜌𝑠

(4.7)

Where, Wc = mass of freeze dried (degassed) CNF sample , ρc = absolute density of
CNF= 1.5 g/cm3, ρs = density of silicone oil = 0.96 g/cm3, and Ws= mass of silicone oil
calculated from the difference between the mass of the silicone oil-soaked sample and
the degassed (freeze-dried) samples. The resulting bulk volume was used to find the
freeze-dried samples’ bulk density 𝜌𝑏 in equation 4.8:

𝜌𝑏 =

𝑊𝑐
𝑊𝑐
=
𝑉𝑀.𝐷. 𝑉𝐹.𝐷.

(4.8)

This value was used in equation 2 to calculate the porosity of the foams and aerogels.
The porosity calculated using the bulk sample volume obtained from equation 4.7, VM.D.,
and the bulk volume displacement, VF.D., are referred to as SOM.D. and SOF.D. methods,

Figure 4.1 (a) Saturation of CNF aerogel in silicone oil (b) Flow diagram of CNF foam
and aerogel porosity determination method by silicone oil saturation
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respectively. 10 measurements were carried out on each porosity sample to perform
statistical analysis.
4.2.8 Contact Angle Measurement
A contact angle goniometer (KSV-CAM 101) was used for measuring static contact
angles of the freeze-dried CNF gel surfaces. Contact angles were measured from a
sessile drop achieved after 10s of the drops contacted the sample surfaces. ImageJ
framework analysis was used to calculate the surface contact angles of the samples. 5
measurements were carried out on each sample to perform statistical analysis.
4.3 Results and Discussion
Freeze drying of the dewatered CNF suspensions (~8 – 35% CNF) is expected to
yield CNF material with a broad range of porosity. The porosity values of the freeze-dried
porous CNF materials, determined by various methods, are compared in Figure 4.2. As
expected, as the CNF content of the suspensions (before freeze drying) increases, the
porosity of the freeze-dried samples decreases. Although samples appear regular in
shape, the expansion of the sample volume that occurs during the ice templating step
induces unevenness on the sample surfaces to some extent. Therefore, the porosity
values calculated from the mass and density of ice and CNF (mass-density method)
would seem to be the most reliable as reference values, since the sample dimensions are
not needed in this method. One challenge with calculating porosity using this densitymass method is the assumption that all of the water is removed from the void space during
freeze drying step. In fact, removal of bound water, found throughout the CNF matrix,
during the degassing process at 105° C, would likely cause shrinkage. This phenomenon
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would cause an overestimation of the actual porosity of the freeze-dried CNF gels (Figure
4.2).

Figure 4.2 Porosity of CNF foams and aerogels after freeze drying vs wt% of CNF
in the suspensions prior freeze drying. Porosity values obtained by mass and
density of ice and CNF (Mass-Density), silicone oil saturation where the bulk
volume is determined by materials’ density (SOM.D.) and bulk fluid displacement
(SOF.D.), mercury porosimetry (MP), and geometric methods are compared. Inset
shows the results of the BJH method.
The unevenness of the freeze-dried CNF sample surface, occurred during the ice
templating step, severely impacted the accuracy and precision of the measurement of the
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length, width, and height of the CNF blocks. Figure 4.2 shows the porosity values
determined by the geometric method is much larger than the values calculated by the
other methods. Moreover, the interconnected pores (Figure 4.3a) and surface roughness
of the samples also make the dimensional measurements more inaccurate than
desirable. As such the porosity values of the porous CNF samples determined by the
geometric method were overestimated and deviated substantially (~6 – 20%) from the
mass-density method.
Since the depth of the pores cannot be measured accurately from 2D SEM images,
pore areas and apparent pore diameter (diameter of pore openings) were used for the
determination of porosity and pore size distribution of CNF foams and aerogels by image
analysis. The porosity values calculated from SEM images are highly irreproducible (data
not shown) since they are based on a small set of SEM images that are assumed to be
representative of the bulk sample. In order to improve the accuracy of these calculations,
an extensive surface mapping and imaging processing would be required, that would be
both time intensive and cost prohibitive. Although this problem of porosity calculation by
image analysis has also been mentioned in several studies (Qiu et al. 2015; Chilev et
al.2017), the pore size distribution shown in Figure 4.3b gives qualitative information
about how the average pore diameter decreases with increasing mass fraction of CNF in
the suspensions prior freeze drying, indicating a decrease in porosity. This data analysis
is also useful for elucidating the relationship between increasing pore frequencies and
pore diameter with higher porosity CNF samples. Similar trends in pore volume and pore
size distribution are also observed in the freeze-dried CNF gels’ mercury porosimetry data
shown in Figure 4.4a&b.
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Figure 4. 3 (a) Representative SEM image of the surfaces of freeze-dried CNF gels
prepared from (I) 10 wt%, (II) 16 wt%, (III) 20 wt%, (IV) 27 wt%, and (V) 35 wt% CNF
suspensions; (b) Average pore size distribution of the freeze-dried CNF gels obtained
from SEM image analysis
Mercury porosimetry analysis of the porous CNF samples (Figure 4.4a&c)
demonstrate that the total pore volume values of the freeze-dried CNF gels exhibit a
significant drop with the increase of CNF content in the gels (prior freeze drying) from ~10
wt% to 15 wt% followed by a gradual linear decrease with the increase of CNF content
from ~15 – 35%. The possible reason for this phenomenon could be mercury being
unable to access all of the voids in those samples with high CNF content (low porosity).
Also, the average pore sizes decrease and the full width half maxima (FWHM) of the pore
size distribution narrows with an increase in the mass fraction of CNF in the samples
(Figure 4.4c). These phenomena can be explained from the ice templating theory of
cellulose suspensions [89]. According to this theory, the relatively higher fraction of CNF
in the gels resists larger interconnected ice crystal formation during the ice templating
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Figure 4.4 Average (a) cumulative pore volume, and (b) pore size distribution of freezedried CNF gels determined by mercury porosimetry; (c) wt% of CNF in the suspension
(prior freeze drying) vs. total pore volume, and full width half maxima (FWHM) of the pore
size distribution peaks from mercury porosimetry analysis
step, resulting in smaller pores and overall narrower pore size distribution in the CNF
samples following lyophilization. In contrast, comparatively low fraction of CNF during the
ice templating step, due to less resistance to ice crystal formation, yields higher porosity
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Figure 4.5 Average cumulative pore volume of the freeze-dried CNF
gels (prepared from 10 wt% – 35 wt% CNF suspensions) measured
by BJH analysis.
gels with broad pore size distributions and larger average pore diameters. In general, the
%porosity values determined by mercury porosimetry analysis is about 5 – 8% lower than
the reference porosities calculated by mass-density method. A possible reason for this
deviation could be the fact that a cylindrical pore configuration is assumed in the mercury
porosimetry analysis [90] whereas the CNF samples tested in this study contains a weblike interconnected porous network (Figure 4.3a). More importantly, since highly porous
CNF materials have low compression moduli [50], this deviation is attributed to pore
collapse caused by the compressive failure of the porous CNF samples; a well-known
phenomenon observed in highly porous materials due to the forced intrusion of mercury
during measurement [91]. Mercury porosimetry data show that the pore size distribution
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of the samples is in the range of ~0.01 – 250 µm whereas the SEM image analysis exhibit
that the average diameter of the pores is in the range of ~0.005 µm to 10 µm. The possible
reason for this limitation of the image analysis method could be the fact that the depth
and the actual diameter of the pores were not possible to analyze from the 2D SEM
images. However, BJH analysis indicate that pores with diameter smaller than 0.01 µm
also exist in the porous CNF samples. As mentioned above, mercury not being able to
penetrate smaller pores could be a possible reason for this limitation.
From Fig. 4.5, the pore volume of the freeze-dried CNF gels, calculated by BJH analysis,
follow a similar trend to that observed in the mercury porosimetry. Namely, pore volume
increases with the decrease of CNF content. However, the pore volume of the samples,
calculated by this method, were significantly lower (~30 – 100 times) than the values
obtained by mercury porosimetry. Therefore, the porosity values of CNF samples
calculated from BJH analysis, by nitrogen adsorption-desorption, were significantly lower
than the reference porosity values calculated from the mass-density method. From Fig.
1, only about 10 – 25% of the reference porosity is accounted for in BJH analysis, which
agrees with the previously reported porosity values of materials with meso and macro
pores calculated from BJH analysis [80,81,92]. Multiple phenomena could contribute to
this underestimation, such as shrinkage of the structure during degassing and thermal
shrinkage of the CNF gel at liquid nitrogen temperatures [92]. Also, the Kelvin equation,
the basis of BJH analysis, requires that the pores measured are regular cylinders [93]
whereas the freeze-dried CNF samples clearly exhibit a web-like interconnected porous
network (Figure 4.3a). More importantly, the accuracy of the BJH analysis often requires
samples with at least 50 m2 of surface area for reasonable accurate results [94,95]
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whereas the specific surface area of the CNF samples used in this study was ~ 10 – 15
m2/g. For macroporous materials, like the freeze-dried CNF gels used here, this becomes
extremely challenging to achieve, often requiring sample quantities that exceed the
capability of the instrument. Due to these limitations, the large micron size pores in the
freeze-dried CNF samples were not accounted for in the BJH analysis. The pore diameter
measured by BJH analysis is in the range of ~0.02 – 0.2 µm.
To determine the porosity of CNF samples using density values as shown in
equation 4.2, an accurate measurement of the bulk volume of the samples is critical.
Simple fluid displacement is an effective way to measure the volume of an irregularly
shaped solid object. However, for porous materials, simple fluid displacement is not a
suitable method to measure bulk volume due to the fluid penetration in the pores. The
method reported here overcomes this deficiency by soaking the porous CNF samples in
a silicone oil bath prior to bulk volume measurement by fluid displacement. When
submerged in silicone oil the pores in the freeze-dried CNF gel samples become
saturated with oil due to the capillary action, hydrophobic interaction, and van der Waals
forces between CNF and silicone oil [96–98]. No visible change in the size and shape of
the CNF samples were observed during the silicone oil saturation step. Moreover, silicone
oil does not drain from CNF porous structure due to the relatively higher viscosity (5 poise)
of the oil and capillary forces of the porous samples. The accessible pore volume of the
CNF samples is equivalent to the volume of oil absorbed by the porous samples.
The porosity values of the freeze-dried CNF samples measured by SOM.D. and
SOF.D. methods exhibited slight deviations (~1 – 2.5%). This deviation could be attributed
to the inconsistency in the sample bulk volume (VF.D.) measurement, during fluid
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displacement, from the concave meniscus of the silicone oil in the graduated cylinder.
The porosity values of the freeze-dried CNF gels calculated using the silicon oil method
were very similar to the porosities calculated by the mass-density method, as shown in
Figure 4.2. Among the samples tested, there were no significant statistical differences in
the porosity values, determined by these two methods, in the 85 – 95% porosity (~10 –
20 wt% CNF) range. For samples at lower porosity (⁓75 – 80%), or higher CNF content,
the porosity values calculated from silicone oil and mass-density methods began to
deviate. This is most likely attributed to the high viscosity of silicone oil trapping micron
sized air bubbles in the smaller pores found in the lower porosity samples. However, even
at lower porosity (⁓75 – 80%), the difference between porosity values determined by
these two methods was only approximately 1.5 – 5%, with the greatest deviation between
the two methods for samples with <80% porosity. This phenomenon can also be
explained by the surface contact angle of silicone oil droplets on porous CNF samples
(Figure 4.6). The surface contact angle of silicone oil is effectively zero on 85 – 95 %
porosity samples due to CNF being effectively wetted by SO, and the high pore volume
and pore frequency, whereas this value increases to 30° and 45° for low porosity (~75 –
80%) samples. The surface contact angle further increases with a decrease in porosity
(data not shown). These observations suggest that less, or incomplete, oil penetration
occurs in the porous CNF samples with <80% porosity due to reduced pore frequencies
and smaller pore diameters. The porosity values determined from the SO method and
with mercury porosimetry are also in good agreement (~5% deviation).
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Figure 4.6 Silicone oil contact angle on the freeze-dried CNF gels’
surface vs wt% of CNF in the suspensions prior freeze drying
4.4 Conclusions
Low density CNF based materials, with a broad range of porosities, were
generated by first partially dewatering aqueous CNF suspensions followed by
lyophilization. The porosity of these cellulose based foams and aerogels were determined
accurately by the silicone oil saturation method. The porosity values determined by
silicone oil method are in good agreement with mercury porosimetry and ice mass-density
method whereas the porosity results from the geometric method, SEM image analysis,
and BJH sorption methods deviate significantly from the expected porosity values. When
soaked in a silicone oil bath, pores in the CNF foams and aerogels become saturated
with silicone oil without any significant disruption in the porous structure. At lower porosity,
< ~75%, due to pore size narrowing, silicone oil does not completely penetrate all of the
pores, reducing the accuracy of these measurements. However, for highly porous (~75%
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- >95 % porosity) cellulose material, this method is very reliable, inexpensive, and easy
to implement. SEM image analysis method could be useful towards the qualitative
assessment of the pore size in the porous cellulosic materials. BJH analysis and mercury
porosimetry methods are more useful towards the quantitative assessment of the average
pore size distribution of the porous CNF samples. However, the BJH method is more
suitable for micro and mesoporous cellulose samples whereas mercury porosimetry is
useful for characterizing macroporous samples. The porous CNF samples developed in
this study, seemed to contain both micro, meso, and macroporosity in their structure.
Therefore, a combination of these methods would be useful for complete characterization
of the porosity and pore size distribution of the porous cellulose materials.
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CHAPTER 5
IMMOBILIZATION OF PLASMONIC NANOPARTICLES IN POROUS CELLULOSE
NANOFIBRILS (CNF) SUBSTRATES
5.1 Introduction
Industrial effluents and agricultural runoffs such as dyes and pesticides are
detrimental to both human health and aquatic lives [99]. Trace level detection of these
pollutants in aqueous environments is crucial for monitoring and regulating hazardous
chemical runoff to water from various sources. Nuclear magnetic resonance spectroscopy
(NMR), gas/liquid chromatography (GC/LC) and mass spectroscopy (MS) have been
reported to detect and quantify trace amount of pollutants in the aqueous environment
[100]. The high cost and complexity of these methods, and specific sample preparation
requirement make it very challenging to use these techniques as field assessment tools
for water pollutant detection and monitoring. Both UV-Vis and fluorescence spectroscopy
have good sensitivity towards detection and are suitable for use as a field assessment
device. However, the lack in molecular specificity makes it difficult to use these tools for
pollutants detection in water. Vibrational spectroscopy (infrared and Raman
spectroscopy) is a very efficient tool for detection and identification of trace level analytes.
Vibrational spectroscopy is also suitable for use as a field assessment tool due to
comparatively simpler method of detection and less or no sample preparation
requirement. However, infrared (IR) spectroscopy suffers from water interference in wet
sample testing since water absorbs IR radiation [101–103] . Hence, additional sample
preparation steps such as drying and transferring the samples to the organic phase or in
D2O are required. In contrast, Raman spectroscopy is free from water interference since
visible wavelength (not absorbed by water) can be used in this method. Traditional
68

Raman signal suffers from low signal-to-noise ratio mainly due to low Raman scattering
cross-section and fluorescence background from the samples. Surface enhanced Raman
scattering (SERS) technique, using surface plasmons on the noble metal surfaces, has
been investigated widely to overcome this deficiency of traditional Raman spectroscopy.
Incorporation of noble metal particles to Raman substrate has been reported to
enhance Raman signal 106 – 1012 times compared to traditional Raman signal. Several
studies have reported that the largest signal enhancement was achieved via silver
nanoparticles (AgNPs) incorporation to the Raman substrates compared to other noble
metal nanoparticles [104,105]. Moreover, the most significant signal enhancement is
observed when the analyte molecules are in the interstitial space of two or more
nanoparticles surfaces, commonly known as hot spots [106].
Cellulose nanofibrils (CNF) have been used widely as a matrix for SERS substrate
since the fibrous structure and large surface area of CNF in an aqueous suspension help
immobilize AgNPs [107]. Moreover, CNF can assist in the adsorption of analytes in the
nanoparticles’ vicinity. However, dispersing AgNPs in the CNF matrices is quite
challenging due to the aggregation of nanoparticles during the mixing process. This
problem can potentially cause high irreproducibility in the measurements.
In this study, the surface charge of AgNPs and CNF was modified by pH
adjustment to tune the dispersity of AgNPs in the CNF matrices. CNF substrates with a
range of porosity was fabricated via capillary dewatering coupled with freeze drying
method. These substrates were investigated to explore the optimum balance between the
critical parameters of a SERS sensor, such as hot spot formation, mechanical robustness,
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and sampling efficiency, for water pollutant testing. The suitability of the porous CNFAgNP materials as SERS substrates was tested with well understood model molecules.
5.2 Experimental
5.2.1 Synthesis of Silver Nanoparticles
Silver nanoparticles were synthesized by reduction of silver nitrate (AgNO 3) with
sodium citrate (Na3C6H5O7), where citrate ions act as both the reducing and capping
agent [108,109].

The overall molar ratio between AgNO3 and sodium citrate in the reaction mixture was
kept at 1:10 to produce highly monodisperse silver nanoparticles. Silver nitrate (0.08 g)
and sodium citrate (1.47g) was dissolved in 200 ml and 300 ml DI water respectively,
followed by sonication for 10 minutes. The silver nitrate solution was then transferred to
a 1000 ml round bottom flask and heated in an oil bath for 30 minutes at 95°C – 100°C
with continuous stirring. The sodium citrate solution was then added to the hot silver
nitrate solution and the mixture was kept at 95°C – 100°C with vigorous stirring. A reflux
system was introduced to the system to prevent solvent loss. The reaction was carried
out for 35 minutes until a greenish silver colloid was achieved. The silver nanoparticle
colloidal solution was then cooled and stored at room temperature.
5.2.2 pH Adjustment of Silver Nanoparticles
1M HNO3(aq) and 1M NaOH(aq) solutions were added dropwise to adjust the pH value
of Ag colloids in the range of 3 – 6, and 8 – 12, respectively, while the colloid was being
stirred continuously with a magnetic stirrer. A pH meter was submerged in the aqueous
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silver colloid to measure the pH of the suspension continuously during the pH adjustment
procedure. A 10 ml aliquot was collected at each pH value to carry out the zeta potential
measurements.
5.2.3 Fabrication of CNF and CNF-AgNP Substrates
CNF (3wt%) and (2,2,6,6-Tetramethyl-1-piperidinyl)oxidanyl oxidized CNF (TEMPOCNF,1wt%) suspensions were obtained from the University of Maine Process
Development Center. Both suspensions were diluted to ~0.5 wt% using DI water.
NaOH(aq) solution (1M) was added dropwise to adjust the pH of CNF and TEMPO-CNF
suspensions ( pH 8 – 9) following the same procedure described in section 5.2.2.
pH adjusted silver nanoparticle colloid was mixed thoroughly with pH adjusted
TEMPO-CNF suspension followed by vortexing for 10 minutes. A CNF suspension was
then mixed with TEMPO-CNF-Ag mixture and vortexed for an additional 10 mins. To
generate control samples, both pH adjusted AgNPs and as prepared AgNPs were mixed
with TEMPO-CNF and CNF suspensions. CNF and CNF-AgNP suspensions (~0.5 wt%
solid) were dewatered by capillary dewatering method in a porous ceramic mold to
generate suspensions of 5, 8, 15, 20, and 25 wt% CNF. Dewatered CNF hydrogels were
subjected to rapid freezing by liquid nitrogen at -196oC. Frozen samples were lyophilized
(-82°C, 50 mTorr) for 24 hours to generate porous CNF substrates of 75, 80, 85, 90, 95
and 98% porosities.
5.2.4 SEM
SEM images of samples were obtained using Zeiss NVision 40 microscope.
Samples (2 mm thick) were mounted on aluminum metal stubs by double sided adhesive
conductive carbon tape. Au-Pd sputtering was used to make the samples conductive.
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5.2.5 TEM
To acquire TEM images, a drop of colloidal silver nanoparticles was placed on a
carbon coated copper grid and subsequently evaporated. TEM images of the silver
nanoparticles were obtained using Philips/SEI CM10 microscope.
5.2.6 DLS and Zeta Potential Measurement
A Malvern nanoseries Zen 3600 Zetasizer was used for measuring the hydrodynamic
diameter of the silver nanoparticles by dynamic light scattering method. 10 measurements
were conducted on each sample with 15 – 25 scans per measurement. Measurements of
surface charge (zeta potential) of the silver nanoparticles at different pH (3 – 12) were
carried out using the same instrument.
5.2.7 Sampling, Acquisition and Processing of Raman Spectra
Sampling was carried out by soaking the substrates in analyte solution for 2 minutes
followed by blotting excess surface analyte solution. A custom-built Raman microscope
was used for acquiring Raman spectra from the substrate surfaces. A Plan N 40X 0.65
N.A. objective (Olympus) and a 532 nm long pass filter was used to collect scattered
(Raman) light. A liquid nitrogen cooled CCD camera (coupled to a monochromator) was
used for spectral collection. Different acquisition times and laser powers were used for
different measurements when necessary to ensure adequate contrast-to-noise ratio
(CNR) for peak detection. Backgrounds were subtracted from all spectra before peak
intensity analysis. All spectra were normalized by acquisition time and power for
comparison of peak intensities. The average of 10 spectra per trial and 3 trials for each
concentration (total N ≥ 30) were used for statistical analysis of peak intensities. Original
spectra were used for signal-to-noise ratio (SNR) and contrast-to-noise ratio (CNR)
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analysis. The linear regions in the Raman signal intensity vs. analyte concentration plots
were used for determination of the limit of quantification (LOQ).
5.3 Results and Discussion
5.3.1 Raman Spectra of Analyte Molecules
Representative Raman spectra of crystal violet (CV) and malachite green (MG),
acquired in welled slide glass (control), CNF substrates and CNF-AgNP substrates
conditions are shown in Figure 5.1. Spectra for the welled slide glass control and the
CNF-substrates have been multiplied by 100X and 10X, respectively, to facilitate the
comparisons. Characteristic peaks of CV and MG from each condition are in good
agreement with the literature values (Table A.1 & A.2). The dashed vertical lines in Figure
5.1 indicate fundamental vibrational frequencies, which were not significantly affected by
the varying sampling conditions. From Figure 5.1, all the fundamental vibrational

Figure 5.1 Representative Raman spectra acquired using CNF-AgNP substrates
(red), CNF substrates (blue), and in welled slide glass (black) of (a) crystal violet (CV)
and (b) malachite green (MG).
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frequencies seem to enhance in CNF-AgNP substrate condition due to the SERS effect
from the plasmonic AgNPs on the substrate surface.
5.3.2 Optimization of Porosity for SERS Substrate
The porosities of the freeze-dried substrates can be tuned by controlling the water
content in the substrates prior to the ice templating step. To determine the optimum
porosity value of the CNF-AgNP substrates for SERS application, a broad range of
porosity (~75 – 98%) samples, prepared by capillary dewatering and freeze drying, were
probed with aqueous solutions of CV and MG. When the substrates were soaked in dye
solutions for sampling, due to the hydrophobic interactions such as van der Waals and
CH-𝛑 interactions (aromatic-carbohydrate interactions) between CNF and dyes,
respective probe molecules are adsorbed on the substrate surfaces [98]. Moreover,
AgNPs can act as hydrophobic surfaces themselves [110].

Figure 5.2 Porosity of CNF-AgNP substrate vs. normalized
Raman peak intensity of probe molecules adsorbed on the
substrate surface.
74

The resulting integrated Raman peak intensities of probe molecules from the dye
adsorbed substrate surfaces were plotted against the porosity of the SERS substrates.
From Figure 5.2, Raman signal intensity of the probe molecules from the substrates
showed an increasing trend with the increase of substrate porosity from ~75 – 90%, where
the highest signal intensity was observed for ~85 – 90% porosity samples. However,
Raman intensities of probe molecules from the substrates with >90% porosities exhibit a
decreasing trend with the increase of porosity. Multiple phenomena could be responsible
for these trends. The pore size in the freeze-dried CNF substrate varies with the mass
fraction of CNF in the suspensions during the ice templating process. Since the pore size
becomes smaller with the increase of CNF mass fraction in the matrices, the distance
between the silver nanoparticles on the pore wall/surface becomes narrower (Figure 5.3).
This phenomenon will possibly increase the likelihood of hot spot formation throughout
the substrates. However, in comparatively low porosity samples, the quantity of CNF
materials also increases in the laser spot area, possibly enhancing the extent of laser
scattering by the substrate matrices. Therefore, the laser penetration depth in the

Figure 5.3 A schematic of silver nanoparticles (AgNPs) in porous CNF matrices.
Porosity of the matrices decreases from a to c (a>b>c)
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substrate is likely to be less compared to highly porous substrates. Moreover, when
soaked in aqueous dye solutions, due to the disruption of hydrogen bonding in CNF by
water molecules, CNF substrates lose mechanical robustness and 3D structural integrity.
Due to this phenomenon, handling the highly porous substrates (>90%) after sampling
for spectroscopic measurements was very challenging. Therefore, ~85 – 90% porosity
appears to be the optimum value for the freeze-dried porous CNF-AgNP substrates for
SERS applications.
5.3.3 Uniform Distribution of AgNPs in CNF Matrix
From Figure 5.4a&b, silver nanoparticles tend to form aggregations prior to the
immobilization in the CNF matrices causing a nonuniform distribution of silver
nanoparticles in the substrates. This phenomenon can potentially cause large
irreproducibility in the SERS signal intensity from the probe molecules adsorbed on the
substrate surface. Aqueous suspension of silver nanoparticles, used in this study, was
stabilized electrostatically against aggregation by using trisodium citrate as a capping
agent. The negative citrate ion generates an electrical double layer on the silver
nanoparticle surfaces which electrostatically stabilizes the nanoparticles. Therefore, high
charge density on citrate molecules would potentially lead to higher stability of the silver
colloids. Due to the protonation of the negatively charged carboxyl ions, surface charge
density of sodium citrate is expected to decrease at lower pH solutions. In contrast,
sodium citrate is likely to remain at more ionized state at higher pH solutions due to the
deprotonation of the respective carboxyl groups.
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Figure 5.4 TEM image of (a) & (b) as prepared silver nanoparticles; silver
nanoparticle colloid at (c) pH 9 and (d) pH 10; (e) pH vs zeta potential of a
citrate capped silver nanoparticle colloid.
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From figure 5.4e, the largest zeta potential of the citrate coated silver nanoparticles was
observed at pH 9 – 10. The zeta potential of the silver colloids started to decrease at pH
value >10. A possible explanation for this phenomenon could be with further incorporation
of NaOH to adjust the pH of the colloid >10 values, the screening effect exerted by
significantly increased Na+ concentration causes colloidal instability of the AgNPs. From
figure 5.4 c&d, the silver nanoparticles appear to be more uniformly distributed when the
pH of the colloid is adjusted to 9 – 10.
Aggregation of the AgNPs on CNF surface was observed when pH adjusted
AgNPs were immobilized in CNF matrices by hand mixing (Figure 5.5a). Mixing AgNPs
to more water dispersible cellulose derivative followed by incorporation to CNF has been
reported to increase the uniformity of silver nanoparticles distribution in CNF substrate

Figure 5. 5 (a) As prepared AgNP immobilized on CNF substrate surface. (b) pH
adjusted and sterically (TEMPO-CNF) stabilized AgNPs immobilized onto CNF
surface.
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[111]. In this study, water soluble TEMPO-CNF (0.01 wt%) was used to disperse AgNPs
in the CNF matrices. TEMPO-CNF sterically stabilizes the pH adjusted AgNPs reducing
the possibility of further aggregates formation of the nanoparticles during incorporation to
CNF matrices. From figure 5.5b, when TEMPO CNF was used as a carrier of AgNPs to
the CNF matrices, a relatively uniform distribution of AgNPs in CNF matrices was
observed.
5.3.4 Peak Intensity Analysis
Peaks used for LOQ determination were: 1601 cm -1,1335 cm-1, 1137 cm-1 for CV
and 1594 cm-1, 1337 cm-1, 1190 cm-1 for MG. The resulting intensities were normalized
by laser power (µW-1) and spectra acquisition time (s-1) and plotted against initial analyte
solution concentration. Individual peak intensities were calculated from the sum of the
three individual intensities centered around each peak. The sum of the intensities of the
3 dominant peaks in each spectrum (Isum), as described in He, Young et al [112], were
used for the LOQ analysis, and are shown versus probe molecule concentration in Figure
5.6.
As illustrated in Fig. 5b&d, Raman peak intensity data of the probe molecules (MG
and CV) on CNF substrates exhibit a good fit in langmuir model. The constant values are
listed in Table 1. Plasmonic silver nanoparticles incorporated into the CNF substrates are
expected to enhance the Raman signal significantly. SERS data of the probe molecules
from the CNF-AgNP substrate surface over a wide range of concentration do not provide
a good fit in Langmuir model since the basic assumptions of Langmuir models such as
monolayer formation on flat surface, uniformity of adsorption sites, and full coverage of
the adsorption sites at saturation do not completely apply for these substrates [113]. A
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Figure 5.6 Concentration vs normalized integrated intensities of 3 Raman peaks (Isum) of:
CV on (a) AgNP-CNF substrate and (b) CNF-substrate; MG on (a) AgNP-CNF substrate
and (b) CNF-substrate. Each data point is the average of three trials (10 measurements
on each trial) where the sample standard deviation is shown.
generalized Langmuir model developed by Altun et al. was used to fit the sigmoidal trend
in the log-linear plots of concentration vs. SERS intensity of the probe molecules [113–
117]. Following equation was used for the data fitting:
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Ө=

𝛼𝐾𝑒𝑞 𝐶 𝑛
1 + 𝐾𝑒𝑞 𝐶 𝑛

(5.1)

Where, Ө, α-1, Keq, C represents surface coverage, packing quality, adsorption
constant, and concentration of probe molecules, respectively. The value of α -1 is
less than 1, and the value of n is in between 0 and 1. When the value of α and n
approaches to unity, equation 1 reduces to the basic Langmuir model from. The
results from the curve fitting are listed in Table 5.1.
Table 5.1 Results of the Langmuir curve fitting
Langmuir Model for neat-

Generalized Langmuir Model for neat-

substrate data

substrate data

Keq

Adj R2

Keq

α-1

MG

1.5 X 104

0.947

2.5 X 105

3.5 X 10-3 0.78

0.968

CV

3.3 X 104

0.926

1.6 X 104

1.8 X 10-3 0.67

0.957

n

Adj R2

The linear regions in figure 5.6 were used for determination of the limit of
quantification (LOQ), where in each region increasing analyte concentration resulted in
predictable Raman intensities. When probed with 532 nm laser illumination, the LOQ for
CV and MG on CNF substrate was 10-6 M – 10-3 M and 10-5 M – 10-3 M, respectively.
There were no statistically significant differences between the Raman peak intensities
from 10-2 M – 10-1 M for MG. This data indicates that, the CNF surface saturation of the
substrate by probe molecules occurred in these trials.
However, for AgNP-CNF substrate, a linear response in the Raman peak intensity
increase was observed from 10-5 M – 10-2 M for CV and 10-7 M – 10-4 M for MG. In these
concentration ranges, Raman signal intensities increased about 10-fold for CV and MG
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and was therefore chosen for the subsequent LOQ analysis. From figure 5.6, saturation
of SERS signal intensities from probe molecules from CNF-AgNP substrates was
observed from 10-3 – 10-1 M for CV and 10-4 – 10-1 M for MG. This observation suggests
that the surface of nanoparticles was saturated with probe molecules when sampling was
carried out in the dye solutions at these concentrations.
5.3.5 SERS Enhancement Factor (EF) Calculation
The SERS signal intensity of analyte molecules from Ag-substrates surface
reached a maximum at 10-2 M concentration due to saturation of the nanoparticle surface
with analyte molecules. Therefore, the 10-2 M concentration was selected to calculate the
SERS enhancement factor (EF). The following equation was used for EF calculation:

𝐸𝐹 =

𝐼𝑆𝐸𝑅𝑆 ∗ 𝑁𝐵𝑢𝑙𝑘
𝐼𝑏𝑢𝑙𝑘 ∗ 𝑁𝑆𝐸𝑅𝑆

(5.2)

where, EF = Enhancement Factor, defined as the Raman signal enhancement due to the
SERS effect compared to the standard Raman signal; ISERS = Integrated intensities of
Raman peaks from analyte molecules on the AgNP-CNF substrates due to the SERS
effect, Ibulk = Integrated intensities of Raman peaks of analytes from CNF substrate, Nbulk
= Number of molecules on CNF substrate, NSERS = Number of molecules experiencing
SERS effect. EF for CV and MG is calculated to be ~2 X 104 and ~2 X 103, respectively.
5.3.6 Limit of Detection (LOD)
The Raman peaks used for LOD determination were: 1601 cm -1, 1335 cm-1, 1137
cm-1 for CV; 1594 cm-1, 1337 cm-1, 1190 cm-1 for MG. The signal-to-noise ratio (SNR)
value 3 is frequently used as a detection threshold in the literature for determining LOD
of Raman substrates .[118–122]
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However, the SNR value 3 does not specify significant distinguishability between the
background level and spectroscopic features (peaks) in a Raman spectrum. For example,
in the Raman spectrum of CV from well slide glass (Figure 5.7a) the SNR at 1137 cm-1
peak position is 3.6, even though the peak is not significantly distinguishable from the
background noise. In contrast, the contrast-to-noise ratio (CNR) provides information
about the distinguishability of specific peaks from the background, while accounting for
noise in both the peak and background intensities. The CNR can be readily calculated,
comparing any two spectral features (peak vs. background), using the following equation:

𝐶𝑁𝑅 =

𝐼𝑃𝜆 − 𝐼𝐵𝐺𝜆
𝐶
=
2
𝑁 √(𝜎𝑃2 + 𝜎𝐵𝐺
)
𝜆
𝜆

(5.3)

where, C = Contrast, N = Noise (signal variability), IPλ = Intensity at the peak position,
IBGλ = Intensity of the background, σPλ = uncertainty in the peak intensity, σBGλ = uncertainty
in the background signal intensity

Figure 5.7 Raman spectra of 10-5 M CV in (a) welled slide glass and (b) CNF
substrate. 𝑞 = noise; 𝑝 = signal intensity at 1137 cm-1; 𝑟 = peak height of 1137
cm-1.
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The CNR calculated for the same peak at 1137 cm -1 in Figure 5.7a is 2.2. In a different
spectrum (Figure 5.7b) the 1137 cm-1 peak in the Raman spectrum of CV is clearly
distinguishable from the background and the resulting CNR value is 3.3. Based on
analysis of more than 30 spectra, we chose a CNR value of 3, where peaks were
qualitatively but clearly distinguishable from the background. With this threshold, the LOD
was calculated for each analyte for each sample type. The total number of spectra used
for each calculation was ≥ 30, where seven positions on a dominant peak (including the
exact peak position) were used to perform CNR analysis within each spectrum. The
resulting LOD values are listed in table 5.2.
Table 5. 2 Results of linear regression analysis
Neat-Substrate

Ag-Substrate

Analytes

Slope

Intercept

LOD

Slope

Intercept

LOD

MG

2318.35

1.14

2.5X10-4M

1.92X107

1.94

7.9 X 10-8 M

CV

1997.68

1.48

2.7X10-4 M

4.35X106

0.99

4.2 X 10-8 M

5.4 Conclusions
Aqueous CNF suspensions are excellent matrices for AgNP immobilization due to
the interconnected fibrous structure of these matrices both in wet and dry states.
Dispersion uniformity of AgNPs in the CNF matrices can be improved by: (1) surface
charge enhancement of the nanoparticles via pH adjustment of the suspension, and (2)
using a water-soluble polymer such as TEMPO-CNF as a steric stabilizer and carrier of
silver nanoparticles to the CNF matrices. CNF-AgNP suspensions with a varying fraction
of water, when freeze dried, generate 3D substrates with a range of porosities. Due to the
ability to adsorb organic analytes on the surface, and the SERS effect from the
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immobilized AgNPs in porous CNF matrices, these CNF-AgNP materials can act as 3D
SERS substrates. CNF-SERS substrates with ~90% porosity value exhibited the optimum
balance between the laser penetration in the sample, hot spot formation in the substrate,
and mechanical robustness of the substrates in water. Using ~90% porous AgNP-CNF
substrate, parts-per-million level detection of dye molecules (CV and MG) was possible.
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CHAPTER 6
ROBUST CELLULOSE NANOFIBRILS (CNF) BASED HYDROGEL
6.1 Introduction
Cellulose has recently gained significant attention for a broad range of applications
due to the natural abundance and biodegradability of this polymer [10,123]. Cellulose can
be comminuted to the nanoscale by the mechanical tearing of cellulose fibers in wood
pulp, forming what are now referred to as cellulose nanofibrils (CNF) [124,125]. Freeze
dried CNF based gels have been produced and are characterized by their 3D network
structure with a relatively large internal pore fraction which allows these materials to
effectively absorb and retain liquid [126]. Freeze drying of aqueous slurries of varying
mass fractions of CNF can be used to make gels of varying porosity [71,127]. CNF is
amphiphilic, but the free hydroxyl groups of cellulose chains can be modified to impart
specific characteristics (increase of hydrophilicity or hydrophobicity) to the CNF
hydrogels[8]. These properties make CNF gels promising candidates for applications in
aqueous environments such as filtration and separation membranes [129,130], oil
separation from water [131], drug delivery [132], wound dressings [133–135], sensors
[128,136], as well as numerous other biomedical applications [137,138]. For each of these
applications, controlling the stability of the 3D networked structure of CNF hydrogels in
aqueous environments, typically against collapse, is critical.
While the abundant hydrogen bonding between the hydroxyl groups of the
cellulose chains and fiber entanglement create the 3D networked structure of CNF gels,
water molecules can effectively disrupt this network causing the structures to collapse in
aqueous environments [139]. In an attempt to overcome this challenge, as well as target
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other related properties, several chemical modifications and changes in formulation have
been explored with varying degrees of success. For example, adsorption of
polyelectrolyte-carboxymethyl cellulose (CMC) complexes to the cellulose fibers has
been shown to increase the dry and wet strength of paper made from cellulose fibers
[140]. However, the long-term stability of the fibers in aqueous environments was not
reported and further purification makes the process complex. Chemical modification of
hydroxyl groups of CNF, followed by chemical crosslinking can be an effective way of
increasing the wet stability of CNF based gels [139,141,150–154,142–149]. The major
problems of these methods are the cost, complexity and time consumption of crosslinking
bulk quantities of CNF. Additionally, treatment at high temperatures for prolonged hours
is often required and makes it difficult to maintain control over porosity and density of the
freeze dried final product. Furthermore, these processes may also involve additional
rigorous washing steps to purify crosslinked CNF from non-crosslinked CNF.
An alternative approach to generate a wet stable CNF based hydrogel is to create
a semi-interpenetrating network (semi-IPN) of composite materials through such methods
as crosslinking of CMC by glycidyl trimethyl ammonium chloride (GTMA) treatment [155],
grafting of chitosan [156] and the crosslinking of PVA [157,158] in the CNF system. CNF
based gels stabilized by these approaches require additional treatment methods for
crosslinking (i.e. heating and mixing), which makes control over product morphology
challenging. Here we describe a new approach for generating wet stable and
mechanically stiff CNF based semi-IPN composite hydrogels through the addition and
photo-crosslinking of methacrylate functionalized carboxymethyl cellulose (MetCMC) in
the CNF system. This efficient process does not require any further purification, mixing or
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heat treatment steps, and allows superior control of the overall morphology of the gels.
Hydrogels composed of varying fractions of CNF and MetCMC were tested to explore the
crosslinking effect on the wet stability, swelling, shrinkage and stiffness of the CNFMetCMC hydrogels both in dry and wet sate.
6.2 Experimental
6.2.1 Materials
Aqueous suspensions of cellulose nanofibrils (CNF) (3wt%) were provided by the
University of Maine Process Development Center whichwere made by mechanical
treatment of bleached softwood pulp [51]. Average fiber diameter of the CNF produced
by this method is reported to be 20-500nm[52] . A transmission electron micrograph
(TEM) image of CNF suspension can be found in the supplementary information (Fig.
A1). Sodium carboxymethyl cellulose (CMC) (M.W. 90000, 70% degree of substitution
per anhydroglucose unit), methacrylic anhydride, acetone and I2959 (1-[4-(2hydroxyethoxy)-phenyl]-2-hydroxy-2-methyl-1-propane-1-one) were purchased from
Sigma Aldrich. Sodium hydroxide, sodium chloride and dialysis tubing (regenerated
cellulose dialysis tubing, wall thickness 30 µm, M.W.C.O. 6000-8000 Da) were obtained
from Fisher Scientific. In-house DI water was used for all the tests.
6.2.2 Preparation of CNF Hydrogels
CNF hydrogels of varying porosity were prepared using 3 wt% aqueous
suspension of CNF as starting material. A bulk aqueous suspension (15 liters) of 3
wt%CNF was subjected to air drying at room temperature to reduce and control the wt%
of water in the final suspension. Samples were obtained at different drying times yielding
a series of hydrogels with varying wt% of water. Individual samples were frozen in liquid
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nitrogen followed by subsequent freeze drying (-82oC, 50 mTorr) to remove the remaining
water. Freeze drying restricts additional CNF-CNF hydrogen bond formation in the mass
by controlling the capillary forces during the drying process [14]. This process yielded
CNF gels with different porosities because of the voids created as a result of water
escaping from the structure.
6.2.3 Methacrylate Functionalization of Carboxymethyl Cellulose (MetCMC)
A modified method of previously reported synthesis procedure was used to
functionalize CMC with methacrylic anhydride [159]. All the reagents were used as
received. In a representative synthesis, 3.3 ml of methacrylic anhydride was mixed with
100 ml aqueous solution of 1 wt% sodium carboxymethyl cellulose (CMC) while agitating
the reaction mixture by magnetic stirring. The reaction occurs in basic conditions (pH 8.5
-9.5). The pH of the solution tends to drop below 7 due to the production of methacrylic
acid as the by-product. The pH of the system was continuously monitored while 10 M
NaOH solution was added dropwise to the reaction mixture to keep the pH in the desired
range (pH 8.5 – 9.5). This procedure was carried out for 5.5 hours to ensure completion
of the functionalization reaction. When the reaction was complete, 1 g of NaCl was added
to the reaction mixture to facilitate the precipitation of MetCMC from the aqueous solution.
To separate the MetCMC from the excess methacrylic anhydride and methacrylic acid,
the MetCMC was precipitated out from the aqueous solution by adding the product
mixture dropwise into 1 L of ice cold acetone. The acetone was then decanted from the
top. Precipitated MetCMC was dissolved in 100 ml of DI water and was subjected to
dialysis in DI water for 7 days to remove impurities. The purified MetCMC aqueous
solution was then frozen at -20 oC for 48 hours and lyophilized. The freeze dried MetCMC
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product was stored at -20 oC until use.1H NMR spectroscopy of MetCMC samples (in D2O
solvent) was performed using a Varian NMR Spectrometer (model: Unity 400 MHz) to
confirm methacrylate functionalization of CMC.
6.2.4 Preparation of CNF-MetCMC Hydrogels
CNF-MetCMC hydrogels were prepared from the mixture of aqueous solution of
MetCMC and aqueous suspension of CNF. Cylindrical polylactic acid (PLA) molds with
open top and bottom ends of different dimensions were used to form the CNF-MetCMC
aerogels into regular shapes. Microscope cover glasses were used to cover the open
ends of the mold and to protect the samples from coming into air contact. MetCMC was
dissolved in deionized water to prepare aqueous MetCMC solutions of specific wt%. An
aqueous suspension of 14 wt% CNF (achieved by air drying of 3 wt% CNF suspension)
was diluted by aqueous MetCMC solution to prepare CNF suspension of desired wt%. A
photo-radical initiator,

I2959 (1-[4-(2-Hydroxyethoxy)-phenyl]-2-hydroxy-2-methyl-1-

propane-1-one) was mixed with the CNF-MetCMC matrices and vortexed for 10 minutes.
The mixture was then transferred to the cylindrical mold. UV light was irradiated from the
top and bottom part of the mold (20 mins on each side). An Omnicure S1000 UV lamp
was used for UV irradiation. The wavelength and power density of the UV irradiation used
for crosslinking were 320 - 390 nm and 35mW/cm2, respectively. After UV irradiation,
samples were frozen in liquid nitrogen followed by lyophilization.For the wet stability,
porosity change, mechanical stiffness, volume recovery and shrinkage tests, aqueous
suspensions of 3 wt%, 5 wt%, 7 wt%, and 9 wt% of total solid contents were used to
prepare CNF-MetCMC gels. The ratio of CNF to MetCMC was held constant at 80%:20%
in all samples. For further investigation of the effect of the crosslinking agent (MetCMC)
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on the wet stability, mechanical stiffness, volume recovery and shrinkage properties,
CNF-MetCMC gels with varying ratio of CNF to MetCMC (Table 6.1) were prepared from
5wt% aqueous mixtures following the above procedure.
Table 6.1 Different compositions of CNF & MetCMC for Hydrogel preparation from
5wt% solid in aqueous mixture of CNF-MetCMC
CNF (%)

100

90

80

70

60

50

40

30

20

10

0

MetCMC (%)

0

10

20

30

40

50

60

70

80

90

100

6.2.5 Crosslinking Depth & Wet Stability Test
A cylindrical polylactic acid (PLA) mold of 4mm diameter and 12 mm height was
used to produce samples to determine the crosslinking depth of CNF-MetCMC matrix
from the UV irradiated surface. UV light (320 – 390nm, 35mW/cm2) was used to irradiate
on one end of the mold for 20 mins. After UV irradiation, samples were submerged in DI
water for 24 hours. The heights of the wet stable portion of the samples were determined
by direct observation using a Vernier caliper.
For the preparation of completely wet stable hydrogels, cylindrical molds of 4mm
diameter and 5 mm height were used. Aqueous CNF-MetCMC mixtures were UV
irradiated (320-390nm, 35mW/cm2) on both sides (20 mins on each side) of the mold.
After that samples were kept in DI water for 24 hours. Wet stable samples were frozen in
liquid nitrogen followed by freeze drying. Freeze dried gels were placed in DI water for 48
hours to test the wet stability of the gels. CNF only gels and CNF-MetCMC (no UV
irradiation) gels were also subjected to wet stability tests.
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6.2.6 Shrinkage and Volume Recovery Test
Freeze dried CNF-MetCMC hydrogels were rewetted and soaked in DI water for
24 hours. The soaking time for CNF only gels was 2 minutes since they fell apart when
soaked in water for longer period. Rewetted gels were air dried under ambient conditions
for 24 hours. The volume of the air-dried samples was measured by instantaneous water
displacement by Archimedes principle [79]. The average shrinkage was calculated using
the following equation:

%S =

Vi − Va.d.
∗ 100
Vi

(6.1)

Where, S = shrinkage, Vi = initial volume, Va.d.= air dried volume.
Air dried samples were rewetted and soaked in DI water for 24 hours. The volume of the
rewetted swollen samples was measured by water displacement. The percent volume
recovery was calculated by the following equation:

%Vr =

Vs
∗ 100 (6.2)
Vi

Where, Vr = volume recovery, Vs = swelled volume, Vi = initial volume.
6.2.7 Water Retention Value (W.R.V.) & Porosity Change Test
DI water was used to carry out the water retention value determination and the
porosity change tests on the CNF and CNF-MetCMC gels. Freeze dried hydrogels of
varying porosities were individually weighed and submerged in water for 24 hours (2
minutes for CNF gels since they fell apart when soaked in water for longer periods), after
which the samples were taken out from water and the excess surface water was removed
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by blotting with a Kimwipe. The water retention values (W.R.V.) of the gels were
calculated by the following equation:

W. R. V. =

Wwet − Wdry
Wwet

(6.3)

Where, Wwet = mass of the wet gels and Wdry = mass of the dry gels
The porosity (P) of each freeze-dried sample was calculated from the mass fraction of
CNF (wcnf), density of CNF (ρcnf), the mass fraction of ice (wice) in the sample and density
of ice (ρice) using the following equation:
wice
ρ
Porosity(P) = w icew
cnf
ice
ρcnf + ρice

(6.4)

The density of ice used was 0.92 g/cm3 [54] and the absolute density of cellulose used
was 1.5 g/cm3 [87]. The porosity of each freeze-dried sample after rehydration (prh) was
calculated in wet state using equation (4) where the mass fraction (wwater) and density of
water (ρwater) was used in place of the mass fraction (wice) and density of ice (ρice). The
change in porosity (ΔP%) was calculated using the following equation:

ΔP% =

P − Prh
∗ 100
P

(6.5)

Where, P is the initial porosity of the freeze dried gels and Prh is the rehydration porosity
of the gels.
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6.2.8 SEM
A scanning electron microscope (AMRay 1820) was used to obtain SEM images
of the freeze dried CNF-MetCMC gels. Samples of 2 mm thickness were attached to
aluminum metal stubs by double sided adhesive conductive carbon tape and sputtered
with Au-Pd to increase the conductivity of the samples.
6.2.9 Compression Modulus Measurements
The compression modulus of the hydrogels was determined using a dynamic
mechanical analyzer (DMA) (Q8000 Thermal Analysis) with a compression fixture. A
constant compression strain rate experiment at 10% strain/min up to 30% total strain was
conducted on the CNF, MetCMC& CNF-MetCMC hydrogels (n≥8) in both the dry and wet
states. For the wet state, two sets of freeze dried hydrogels were soaked in DI water; one
set for 2 minutes and the second set for 24 hours prior to the measurement. The slope of
the stress-strain curve in the limit of 10 – 20% compressive strain was defined as the
compression modulus of the gels. The dimension of the samples was fixed at 4mm
diameter and 3mm height.
6.2.10 Density and Specific Surface Area Measurement
Density of the freeze dried gels were calculated by measuring the mass and
dividing it by the volume (calculated geometrically) of the samples. The BET (Brunauer–
Emmett–Teller) specific surface area of the resultant gels (0.7g total mass, 95% porous)
was estimated using Micrometrics ASAP 2020. Samples were degassed under vacuum
at 120oC for 8 hours prior to measurement. Physisorption of nitrogen on the sample
surfaces at -196oC at a relative vapor pressure of nitrogen (P/Po) 0.05-0.30 was used for
specific surface area calculation.
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6.3 Results and Discussion:

6.3.1 Wet Stabilization
Freeze dried hydrogels prepared from a 5wt% aqueous CNF suspension, when
rewetted by placement into DI water, immediately absorbed water, visibly swelled and
started to soften, losing their initial size and shape. Over a period of two hours the 3D
structure completely collapsed in water (Figure 6.1a&b). This is not surprising given the
relative hydrophilic character of CNF and the lack of chemical crosslinking in the pure

Figure 6.1 (a) CNF gel (freeze dried) of 0.95 porosity; (b) Breakdown
of the CNF gel (0.95 porosity) in water
CNF matrix.
To improve the wet stability of the CNF gels a chemical crosslinking strategy
.
was employed using a chemically modified form of the CNF compatible molecule
carboxymethyl cellulose (CMC). The CMC backbone was functionalized with
methacrylate groups by the reaction between CMC and methacrylic anhydride (Figure
6.2a). Peaks associated with the methacrylate groups on CMC appear in the 1H NMR
spectrum of the product (Figure 6.2b). The degree of functionalization of CMC
anhydroglucose repeat units by methacrylate groups was calculated to be 21%.The asprepared MetCMC was incorporated into the CNF system by the addition of aqueous
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Figure 6.2 (a) Reaction scheme for the methacrylate functionalization of
carboxymethyl cellulose (CMC); (b) ¹H NMR spectrum of MetCMC (D2O, 400 MHz): δ
(ppm) = 1.78 (s, CH3 of methacrylate, 3 H), 3-4.5 (m, CMC backbone), 5.6 (s, alkene
CH, 1 H), 6.0 (s, alkene CH, 1H).
solution of MetCMC and subsequent UV irradiation on CNF-MetCMC (aq) and the I2959
(radical initiator) mixture was carried out. Here chemical crosslinking was expected to
result between the methacrylate groups of MetCMC [159–161]. Simultaneously,
hydrogen bonding will occur between CNF-CNF, CNF-MetCMC and MetCMC-MetCMC
through the free hydroxyl groups of both the CNF and MetCMC (Figure 6.3a). The
combination of these two interaction types was expected to result in a CNF-MetCMC
matrix where CNF chains are physically entangled throughout the CNF-MetCMC
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crosslinked network. A graphical representation of this semi-interpenetrating (semi-IPN)
network of CNF and MetCMC is shown in Figure 6.3b. To test the effectiveness of the

Figure 6.3 Crosslinking between methacrylate groups of MetCMC and hydrogen bonding
between hydroxyl groups of CNF and MetCMC in CNF-MetCMC composite.
proposed crosslinking strategy and to better understand how each component of the
composite influences the stability of the matrix, hydrogels with varying proportions of CNF
and MetCMC were prepared, using a total initial solid content of 5 wt%. Based on previous
work with MetCMC (aq), which is highly transparent, the composite mass was UV
irradiated from only one side (Figure 6.4a). Directly following UV exposure, the still wet
crosslinked hydrogels were placed in DI water to qualitatively assess the effect and extent
of MetCMC crosslinking. Visible degradation of the hydrogels in water was observed
throughout 2 hours soaking in water, starting first at the side opposite the UV exposure.
After several hours further degradation appeared to stop, leaving the topmost portion of
the hydrogel unchanged even after an additional 46 hours in water (Figure 6.4a).
Presumably, the increased stability in the topmost portion of the hydrogel was an
indication of effective crosslinking only in this region. The crosslinking depth (Duvcl) of the
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Figure 6.4 (a) Partial crosslinking of aqueous CNF-MetCMC matrix by UV irradiation
from one side &partially wet stable CNF-MetCMC hydrogel in water (b) complete
crosslinking of aqueous CNF-MetCMC matrix by UV irradiation from the both sides (top
and bottom) & completely wet stable CNF-MetCMC hydrogel in water. (c) compositions
of CNF & MetCMC in the CNF-MetCMC composites (prepared from 5wt% aqueous
mixture) vs. crosslinking depth from the UV irradiated surface (Duvcl). Each data point
is the average of 5 samples where the sample standard deviation is shown.
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pure MetCMC (aq, 5wt%) was measured to be 8 mm (35mW/cm2, 20 mins UV irradiation
time). As the fraction of CNF was increased, the crosslinking depth decreased, as
indicated in Figure 6.4c. The crosslinking depth of the CNF-MetCMC hydrogels with 90%
CNF was limited to about 3.5 mm. The apparent depth limitation to crosslinking was likely
due to the increase in opacity of the hydrogel with increasing amounts of CNF that
attenuate the UV light penetration. To accommodate this apparent limitation, a modified
preparation cell was constructed, which allowed for irradiation from both sides (Figure
6.4b). Hydrogels prepared with this geometry exhibited no visible degradation in DI water,
even after 60 days (Figure 6.4b), indicating effective crosslinking throughout the matrix.
Therefore, all subsequent samples including air dried and freeze dried, were prepared
using this two-sided UV-exposure method. It should be noted that thicker samples may
encounter a practical size limit where adequate optical penetration is not possible.
6.3.2 Structural Stability During Drying and Rehydration
For many of the proposed applications of hydrogels, such as drug delivery, sensors
or separation membranes, structural stability, in either the wet or dry states, is desired.
Generally, this requires that the internal pore structure, as well as the overall size and
shape, of the hydrogel is conserved during the removal of water from the hydrogel.
Images of representative CNF-MetCMC composite hydrogels, before and after water
removal, are shown in Figure 6.5. Perhaps not surprisingly, when water removal from
CNF, MetCMC or CNF-MetCMC composite hydrogels is accomplished via freeze-drying,
minimal shrinkage, relative to the initial hydrogel geometry, is observed. In stark contrast,
when air drying is employed, significant shrinkage occurs. Qualitatively, hydrogels made
from pure CNF demonstrated more extensive shrinkage (~ 99%) compared to those made
from pure MetCMC (~ 93%).
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As seen in Figure 6.6, the presence of CNF in the composite leads to increased
shrinkage during air drying, though the effect does not appear to be monotonic with CNF
abundance. Here, likely the higher hydrophilicity of MetCMC allows the air dried MetCMC
material to retain more moisture as compared to CNF-rich materials which could affect
the formation of CNF-CNF, CNF-MetCMC, MetCMC-MetCMC hydrogen bonds and
further reduce the relative amount of shrinkage in the MetCMC materials.

Figure 6.5 Representative wet as-prepared (a) composite MetCMC/CNF hydrogel
samples with varying fractions of MetCMC and CNF (% MetCMC : % CNF); 1 (100%
MetCMC), 2 (90:10), 3 (80:20), 4 (70:30), 5 (60:40), 6 (50:50), 7 (40:6), 8 (30:70), 9
(20:80), 10 (10:90), 11 (100% CNF). The result of water removal by: (b) freeze drying
and (c) air drying, respectively. (d) The result of rehydration of air-dried samples.
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To explore the effect of residual water on hydrogen bonding and 3D structural
stability, air dried gels were rehydrated and the resulting restored fully-wetted sample
volume was determined. In all cases, swelling of the materials was observed when the
air-dried gels were placed in DI water for a period of 24 hours (Figure 6.5). The restored
volume results, as a function of the CNF:MetCMC fraction are shown graphically in Figure
6.6. Here swelling during rehydration was more extensive in samples with increasing
fractions of MetCMC. Again, this can be described as resulting from the higher relative
hydrophilicity of MetCMC allowing the samples to hold more water, and hence increased
swelling relative to the CNF-rich samples. In addition, the adsorption of CMC on the CNF
surface has been reported to help redisperse CNF in water by increasing the negative
charge on the CNF surface [162]. This essentially interferes with the process of

Figure 6.6 Comparison of the percent volume
regain (%Vr) and percent shrinkage (%S) of CNFMetCMC composites with varying amounts of each
component.
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“hornification” which is known to exist in cellulosic materials. Interestingly, air dried
samples with at least 80% MetCMC, regained 100% of their initial volume after 24 hours
soaking in DI water. For samples with < 80% MetCMC the percentage of volume regained
(%Vr) decreased monotonically, to a minimum of ~ 5% in the pure CNF samples.
6.3.3 Crosslinking and Morphology
To better understand the observed differences between composite hydrogels,
electron microscopy was used to probe the surface morphology and internal structure of
each sample. Representative images of freeze-dried hydrogel surfaces and internal
cross-sections are shown in Figure 6.7. For all sample types studied, high internal
porosity is observed, though pore size and morphology vary. The formation of similar pore
structures in polymers, including CNF, has been shown to be a result of “ice templating”
during the freeze-drying process [14,163,164]. According to this model, increased
polymer mobility results in the formation of larger ice crystal “templates” during freezing,
and subsequently larger pores upon freeze drying. This same model can also be used to
describe the apparent differences in surface morphology.
A compact film-like morphology was observed at the surface of the MetCMC
(freeze dried) gels (Figure 6.7a) where extensive exposure of the methacrylate groups to
UV irradiation induced crosslinking, limiting the mobility of the polymer, and restricting the
space available for ice crystal formation during the ice templating process. Similarly, CNFMetCMC gels (freeze dried) form a compact film-like morphology on the UV irradiated
surface due to efficient crosslinking between the methacrylate groups of MetCMC (Figure
6.7d). For both sample types (Figure 6.7b and 6.7e, respectively), however, crosssectional imaging indicates highly porous internal morphology. This increased porosity is
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Figure 6.7 SEM images of CNF-MetCMC (crosslinked and non-crosslinked) and CNF
gels (freeze dried) of 0.95 porosity. (a) UV irradiated surface; (b) cross-section of
crosslinked MetCMC gel (freeze dried); (c) non-crosslinked surface of MetCMC gel
(freeze dried); (d) UV irradiated surface; (e) cross-section of crosslinked CNFMetCMC gel (freeze dried); (f) non-crosslinked surface of CNF-MetCMC gel (freeze
dried); (g) surface and (h) cross- section of CNF gel (freeze dried). Large scale SEM
images are shown in the supplementary file (Figure B2).
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expected as the power density of UV irradiation is expected to decay exponentially with
distance from the UV-irradiated surface. As a result, the internal mass will be less
crosslinked and therefore more mobile as compared to the more extensively crosslinked
surface, leading to the formation of larger ice crystal templates.
A similar argument can be used to describe the observed pore morphologies of
the non-crosslinked materials. For example, non-crosslinked MetCMC gels (freeze dried)
exhibit an open porous morphology, even on the surface (Figure 6.7c) again due to higher
mobility during ice templating, compared to crosslinked MetCMC (Figure 6.7a). Noncrosslinked CNF-MetCMC composite gels (freeze dried) exhibit a more open pore
morphology on the surface (Figure 6.7f), compared to the crosslinked CNF-MetCMC, due
to increased mobility during freezing process. Similarly, pure CNF gels (freeze dried)
show an open porous structure both on the surface and internally (Figure 6.7g & 6.7h),
but with qualitatively smaller pore sizes, as compared to MetCMC. This decreased pore
size is likely due to the lower mobility of CNF fibrils as compared to single molecule chain
MetCMC during ice templating. BET data indicated that all of the samples (95% porous)
investigated here had approximately the same specific surface area, 2.54 – 3.15 m2/g.
The average density of 95% porous CNF, CNF-MetCMC and MetCMC gels (freeze dried)
were approximately the same; ~88.0, 87.5 and 85.0 kg/m 3, respectively. There was no
measurable difference in density between crosslinked and non-crosslinked samples.
6.3.4 Crosslinking and Porosity
Shrinking during drying and swelling during rehydration are related to both the
stiffness and the overall porosity of the hydrogel. To better understand possible
correlations between these parameters, the relationship between the extent of
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crosslinking and the change in porosity, over a range of initial porosities, following
rehydration were explored. When pure CNF hydrogels (freeze dried) of different initial
porosities were soaked in DI water, they absorbed water immediately due to the relatively
high hydrophilicity of the material and the capillary action of the porous 3D structure. As
the initial porosity of CNF hydrogels was increased, the amount of water retained inside
the 3D structure increased linearly (Figure 6.8a), as expected. The larger pore volume in
the highly porous gels (freeze dried) allows them to hold more fluid compared to lower
porosity gels. The W.R.V. numbers for the CNF hydrogels (freeze dried) were determined,
according to the method described previously, following 2 minutes of soaking in water.
Interestingly, the volume of the fluid retained inside the

CNF hydrogels (W.R.V.), was

slightly less than the measured pore volume. During the wetting process, the 3D structure
of CNF gel shows some break-down. While being removed from the submerged state,
the wetted freeze dried gel visibly shrinks, likely due to the high surface tension of water,
causing partial collapse of the pore network, accounting for the difference in internal
volume.
CNF gels (freeze dried) with high porosity collapsed to a greater extent when
subjected to an aqueous environment as compared to CNF gels of low porosity, which is
most likely due to reduced relative hydrogen bonding in the highly porous samples
creating a weaker network as compared to the lower porosity gels. This phenomenon
caused a larger increase (~3-4.5%) in the magnitude of porosity change (ΔP%) in highly
porous CNF gels (0.92-0.98) compared to lower porosity (0.75-0.85) CNF gels (~2%
increase in ΔP%) (Figure 6.8b). Since crosslinking between the methacrylate groups
provides structural stability to the CNF-MetCMC gels against such collapse in aqueous
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environments, the porosity of the CNF-MetCMC gels did not change as compared to the
initial porosity upon rehydration for 2 minutes (Figure 6.8b inset). In fact, the porosity of
the CNF-MetCMC gels did not change even after 24 hours soaking in DI water.

Figure 6.8 (a) Porosity (P) vs. water retention values (W.R.V.) of freeze dried CNF
gels; (b) Initial Porosity (P) vs. change in porosity (ΔP%) of CNF gels (freeze dried)
after rehydration for 2 minutes; (b Inset) Porosity change (ΔP%) of CNF and CNFMetCMC (80% CNF: 20% MetCMC) samples of 4 different initial porosities (0.90,
0.95, 0.96, 0.97) after rehydration for 2 minutes.
6.3.5 Crosslinking and Mechanical Properties
CNF based hydrogels lose mechanical robustness in aqueous environments very
rapidly due to the disruption of hydrogen bonding of CNF chains by water, which limits
the applications of the respective gels. According to our model, incorporation of MetCMC
followed by chemical crosslinking creates a network of chemical crosslinking throughout
the CNF system which does not get disrupted by water easily. Hence, incorporation of
MetCMC in CNF system followed by crosslinking should increase mechanical stiffness of
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CNF based hydrogels in aqueous environments. To test the effect of chemical
crosslinking on mechanical property improvement of CNF based hydrogels, compression
tests were performed on CNF, MetCMC (both crosslinked and non-crosslinked) and CNFMetCMC (both crosslinked and non-crosslinked) hydrogels both in dry and wet condition.
The effect of crosslinking on compression modulus of CNF-MetCMC hydrogels
(prepared from 5wt% aqueous solution) was studied by varying the ratio of CNF to
MetCMC in the CNF-MetCMC composites (Figure 6.9 a&b). Crosslinked MetCMC
hydrogels (freeze dried) showed higher compression modulus (~5 x) compared to noncrosslinked MetCMC gels (freeze dried) due to a tighter network created by the
crosslinking of methacrylate groups (Figure 6.9a). However, no specific trend was
observed in the compression modulus of dry CNF-MetCMC samples when varying the
ratio of CNF to MetCMC (crosslinked and non-crosslinked) was studied. When
crosslinked CNF-MetCMC samples were tested after 2 mins & 24 hours soaking in water,
an average decrease of 4-6-fold in compression modulus for all the compositions was
observed compared to dry crosslinked samples. This decrease was due to the hydration
of CNF and the MetCMC of CNF-MetCMC samples in the aqueous environment. Noncrosslinked CNF-MetCMC gels (freeze dried) showed a very low compression modulus
(~1-4 kPa) when tested after 2 mins soaking in water. Hydration of the CNF and noncrosslinked MetCMC in the aqueous environment decreased the compression modulus.
Since non-crosslinked MetCMC samples break down in water very rapidly, it was not
possible to carry out compression tests on non-crosslinked CNF-MetCMC after 24 hours
soaking in water. A significant increase (~50–150 fold) of the compression modulus of
wet (tested after 2 mins and 24 hours soaking in water) crosslinked CNF-MetCMC
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samples were observed compared to non-crosslinked samples due to the formation of a
tight crosslinked network of MetCMC in CNF-MetCMC matrices. It should be noted that
there were no statistical differences in the wet compression moduli of samples having
%CNF: % MetCMC as 60%:40%, 70%:30%, 80%:20% in Figure 6.9b. Further increase
of CNF fraction (%CNF=90%, % MetCMC =10%) in the hydrogel (prepared from aqueous
suspension of 5 wt% total solid) shows a statistically significant trend of decreasing

Figure 6.9 Composition of CNF-MetCMC( in 5wt% aqueous mixture of CNF and
MetCMC) vs compression modulus (CM) of crosslinked (CL) and non-crosslinked
(NCL) CNF-MetCMC hydrogels.
compression modulus when wetted due to reduced fraction of crosslinking agent
(MetCMC).
To investigate the effect of crosslinking on mechanical stiffness, in highly porous
gels (freeze dried), the fraction of crosslinking agent (MetCMC) was held constant at 20%,
while the total wt% of polymer in the hydrogel was varied. This fraction minimizes the
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amount of the MetCMC used while simultaneously producing samples robust enough to
withstand handling during mechanical testing. In all, porous gels (freeze dried) were
prepared from hydrogels of 3, 5, 7 and 9 wt% (total) solid polymer content. The resulting
compression modulus data (CM) are shown in figure 10. Here, increased fractions of CNF
provide more hydrogen bonding per unit volume, which increases the observed stiffness
of the gels (Figure 6.10). The compression modulus of dry samples increased by a factor
of 2 with each 2wt% increase of CNF due to the availability of more hydrogen bonding
sites in the CNF gels (Figure 6.10a). The compression modulus of the (re)wetted freeze
dried CNF gels decreased dramatically compared to the dry state due to structural
breakdown and softening of CNF in aqueous environments. However, with the addition
of 20% crosslinking agent (MetCMC), a significant increase in compression modulus in
both dry and wet state was observed (Figure 6.10b). The modulus of the dry samples
increased when there was more CNF in the composite while the wet modulus decreased
due to the softening effect of CNF in aqueous environments. There was no significant
statistical difference in the dry compression modulus of CNF and crosslinked CNFMetCMC gels prepared from lower wt% (3 and 5 wt%) of polymer, as seen in Figure
6.10a. However, in gels (freeze dried) of higher wt% (7 and 9 wt%) of polymer, the dry
modulus of the samples increased about 2-fold due to the addition and subsequent
crosslinking of MetCMC in the CNF system (Figure 6.10c). A significant improvement in
the wet compression modulus was observed in all the samples after addition of 20%
crosslinking agent over CNF only gels due to the robustness of the chemical crosslinking
in the aqueous environment. The wet modulus was about 8-fold higher for all crosslinked
CNF-MetCMC samples as compared to the corresponding CNF gels. From Figure 6.10c,
it can be concluded that the magnitude of increase in dry and wet compression modulus
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values for crosslinked CNF-MetCMC gels as compared to pure CNF gels remains about
the same in each sample. Since the CNF-MetCMC samples, with different wt% of
polymer, had the same mass ratio of crosslinked materials to CNF, for all the samples, a
similar trend in modulus increase was observed.

Figure 6.10 Compression modulus (CM) of CNF (CMCNF) and CNF-MetCMC (CMCNFMetCMC)

hydrogels in (a) dry and (b) wet state (2 minutes soaking) vs wt% polymer

(CNF+MetCMC) in aqeous mixture; (c) Magnitude of compression modulus increase
in CNF-MetCMC compared to CNF hydrogels (CMCNF-MetCMC/ CMCNF) vs wt% polymer
(CNF+MetCMC) in aqueous mixture.
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6.4 Conclusions
Highly porous 3D networked CNF gels (freeze dried) are capable of storing almost
the same volume of fluid in the 3D structures as the the total pore volume. However,
partial degradation of the 3D networked structure of CNF hydrogels occurs when soaked
in an aqueous environment, decreasing the porosity and water storage capacity of the
porous gels (freeze dried). MetCMC mixed into the CNF system, and subsequently
crosslinked,improves the structural stability of the hydrorogel against this collapse and
degradation, and serves to conserve the porosity of the CNF-MetCMC gel during freeze
drying and when stored in water. The observed stability is a result of a combination of: 1)
crosslinking between methacrylate groups, 2) hydrogen bonding between free hydroxyl
groups of CNF and CNF-MetCMC, and 3) fiber entanglement. Higher mass fractions of
MetCMC in air dried samples of CNF-MetCMC results in more swelling when wetted
whereas higher mass fraction of CNF stabilizes the composite against this same swelling.
The increased relative swelling of CNF-MetCMC arises from the increase in hydrophilicity
of the composite compared to pure CNF. Additionally, crosslinking between methacrylate
groups, when present, increases the mechanical stiffness of CNF-MetCMC hydrogels
significantly in the wet state, as well as in the dry state,in higher solid wt% aerogels.
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CHAPTER 7
CAPILLARY PRECONCENTRATION AND TRACE LEVEL DETECTION OF
ORGANIC MOLECULES BY ROBUST NANOCELLULOSE SERS SUBSTRATE
7.1 Introduction
Organic contaminants such as dyes, pesticides, and herbicides are the most
common pollutants in global water bodies [165,166]. These pollutants in aqueous
environments pose a significant threat to humans, wildlife, and aquatic species. Since
these pollutants have very low permissible exposure limit, trace level detection of organic
analytes in aqueous environments is crucial for monitoring and regulating hazardous
chemical levels in the water. Of all common analytical techniques, vibrational
spectroscopy is the least complicated and potentially more suitable for analyte detection
due to high molecular specificity, compatibility as a field assessment tool, and simplicity
in sample preparation [102,103,167]. Unlike other vibrational methods, such as IR
absorption, Raman spectroscopy is a promising tool to analyze water pollutants because
of its ability to utilize visible wavelengths where water is transparent. However, traditional
Raman methods suffer from poor efficiency due to low Raman scattering cross-section
and fluorescence interference from the samples [168,169]. A number of approaches have
been explored to mitigate these shortcomings including: (1) concentrating target analytes
from a bulk dilute solution prior to analysis (preconcentration) and (2) surface enhanced
Raman scattering (SERS) [170–172]. Incorporation of plasmonic metal particles to
Raman substrates have been reported to enhance Raman signal 10 6 – 1012 times
compared to traditional Raman signal. The localized surface plasmon polaritons on the
plasmonic metal nanoparticles’ surface, when in resonance with the incident
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electromagnetic irradiation, generate an enhanced electromagnetic field known as
localized surface plasmon resonance (LSPR). This phenomenon can amplify Raman
signal from the probe molecules by increasing the polarization of the Raman active
molecules located onto or in the vicinity of the metal nanoparticles surfaces. This
technique is known as surface enhanced Raman spectroscopy (SERS) [173].
Preconcentration of analytes prior to analysis is an effective method for trace level
detection of water pollutants by Raman spectroscopy. ‘Preconcentration’ techniques
commonly refer to the process of increasing spatial concentration of analytes by
entrapping the target molecules from a dilute solution to a relatively small area of a
substrate surface [174]. Several techniques have been reported for concentrating analyte
molecules on the substrates from a dilute solution such as physisorption on adsorbents
of large specific surface area [175–177], selective chemisorption [178,179], microfluidic
techniques of concentration, or separation [180] and capillary electrophoresis [181]. The
cost and complexity of pre and post-processing steps such as filtration, centrifugation or
magnetic separation of the adsorbents after physisorption; surface modification and
surface regeneration of the substrates after each sampling cycle of chemisorption;
microfluidic fabrication process, and requirement of a voltage gradient in electrophoresis
make these methods cumbersome.
The use of filtration membrane surfaces or evaporative condensation are also
effective methods to concentrate analytes onto surfaces for trace level detection [182–
185]. Several studies have reported concentrating analytes in cellulose nanofibrils (CNF)
based membranes using these techniques [118,171,186–190]. The amphiphilicity of
cellulose, due to the presence of hydroxyl groups on the surface and a hydrophobic
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backbone, makes it a promising material for these applications as it can interact with both
the aqueous phase and the organic analyte molecules [128,191]. Since cellulose is the
most abundant, renewable, and biodegradable polymer on earth, CNF-based Raman
substrates are potentially cost effective, environment-friendly and readily disposable.
Several studies have reported the incorporation of silver nanoparticles (AgNPs) into
cellulose-based porous substrates to enhance the Raman signal further by the surface
enhanced effect from plasmonic AgNPs [105,190,192–196]. AgNPs have been used
widely in SERS substrates having demonstrated the largest signal enhancement among
noble metals (1012 – 1014) [104,197]. The relatively high specific surface area and superior
dispersibility of NFC in water, compared to cellulose fibers, offers advantages in terms of
turnability of the physicochemical properties of the material [10]. Therefore, for the
immobilization of AgNP colloids or incorporation of chemically crosslinkable moieties,
NFC would potentially be more suitable compared to cellulose fibers [107,198,199].
Additionally, AgNPs have been reported to act as hydrophobic surfaces themselves,
promoting separation and concentration of organic from aqueous phase [110,200]. In
these previous applications, pumping, thermal evaporation, or a vacuum system were
necessary in order to flow sample water through the cellulose based SERS membrane,
and remove unwanted water from the substrate, adding cost and complexity to the overall
sampling process. Moreover, immersing cellulose-based substrates in water during
sampling poses a challenge due to loss of mechanical robustness and the propensity for
three-dimensional (3D) porous cellulose network to disintegration in water [50,139,147].
Moreover, while sampling with cellulose based SERS substrates in aqueous solutions,
the analytes tend to be absorbed with the aqueous solvents and consequently spread
over a large area of the substrate causing poor preconcentration efficiency [201,202].
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Here, we have developed a chemically crosslinked, wet stable, and porous
cellulose nanofibril (CNF)-based auto sampling substrate for concentrating analyte
molecules from bulk solution onto a surface without the requirement of additional pre and
post-treatment methods such as centrifugation, pumping, heating, voltage gradient
induction or addition of specific chemical species for analyte capture. Also, the poor
preconcentration performance of the traditional cellulose based porous substrates was
mitigated by the incorporation of hydrophobic films on the 4 of the 5 surfaces submerged
during sampling and generation of an apparent film-like morphology on the substrate
surface due to the extensive chemical crosslinking on the substrate surfaces. The
availability of low-cost batch and even continuous freeze-drying units, combined with
standard UV exposure and dip-coating technologies, suggest that large scale production
of these substrates is possible. The sampling efficiency and Raman sensitivity
enhancement due to preconcentration by CNF-based substrates have been studied using
well-understood model molecules. We have also quantified the sensitivity enhancement
of the Raman signal of probe molecules from wet-stabilized (crosslinked) AgNP loaded
CNF-SERS substrates. For each substrate system, the resulting Raman (SERS) signal
was measured as a function of probe concentrations, and a model describing the SERS
signal intensity trends of both dye and non-dye molecules was developed.
7.2 Experimental Section
7.2.1 Materials
In-house DI water was used for all experiments. Aqueous cellulose nanofibrils
(CNF) suspensions (3 wt%, University of Maine Process Development Center) used in all
the experiments were prepared from chemically bleached softwood pulp and have
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average fiber diameter ⁓200-500 nm [50,51]. Methacrylic anhydride, I2959 (1-[4-(2hydroxyethoxy)-phenyl]-2-hydroxy-2-methyl-1-propane-1-one), sodium carboxymethyl
cellulose (CMC) (M.W. 90000, 70% degree of substitution per anhydroglucose unit), and
D2O, used for chemical modification and characterization of CMC, were purchased from
Sigma Aldrich. Dialysis tubing (regenerated cellulose dialysis tubing, wall thickness 30
µm, M.W.C.O. 6000-8000 Da), acetone, sodium hydroxide and sodium chloride, used for
methacrylated CMC purification, were purchased from Fisher Scientific. Silver nitrate and
trisodium citrate, used for silver nanoparticles synthesis, were obtained from Fisher
Scientific. Trans-1,2-bis(4-pyridyl) ethylene (BPE), crystal violet (CV) and malachite
green (MG), used as probe molecules for Raman substrate evaluation, were obtained
from Sigma Aldrich. Sylgard 184 silicone elastomer kit (Dow Corning Corporations) was
used for hydrophobic surface modifications.
7.2.2 Synthesis of Silver Nanoparticles
Silver nanoparticles were synthesized by reduction of silver nitrate (AgNO3) with
sodium citrate (Na3C6H5O7), where citrate ions act as both the reducing and capping
agent, following well established procedures [108,109]. Specifically, silver nitrate (0.08 g)
and sodium citrate (1.47g) were dissolved in 200 ml and 300 ml DI water, respectively.
The silver nitrate solution was then transferred to a 1000 ml round bottom flask and
heated in an oil bath for 30 minutes at 95°C – 100°C with continuous stirring. The sodium
citrate solution was then added to the hot silver nitrate solution and the mixture was held
at 95°C – 100°C with vigorous stirring. A reflux system was implemented to prevent
solvent loss and improve temperature control. The reaction was carried out for ⁓35
minutes until a greenish silver color suspension was achieved. The colloidal solution was
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then cooled and stored at room temperature. Colloidal silver nanoparticles (⁓0.001 wt%)
were concentrated to ⁓1 wt% with a benchtop centrifuge at 4000G. Sample
characterization was performed by UV-vis spectroscopy, dynamic light scattering (DLS)
measurement, and transmission electron microscopy (TEM) (Figure 7.1).

Figure 7.1 (a) UV-Vis of AgNP colloid (b) DLS size distribution of AgNP colloid (inset)
TEM image of the AgNP colloid.

7.2.3 Methacrylate Functionalization of Carboxymethyl Cellulose (MetCMC)
Methacrylate functionalization of CMC was accomplished by following a previously
reported procedure [159]. Briefly, a 100 ml aqueous CMC (1 wt%) solution and 3.3 ml
methacrylic anhydride (as-received, 94% assay) were mixed and stirred vigorously under
basic (pH 8.5 - 9.5) conditions for 5.5 hours to functionalize CMC backbone with
methacrylate groups. 10 M NaOH was added dropwise to maintain a basic pH (8.5 - 9.5).
After the completion of functionalization reaction, methacrylate functionalized CMC
(MetCMC) was precipitated out from aqueous solution by dropwise addition of MetCMC
solution (aq) in acetone. The precipitated MetCMC was dissolved in 100 ml DI water
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followed by freezing at -20oC and lyophilization (-80oC, 50 mTorr). Functionalization of
CMC was confirmed by 1HNMR (Figure 7.2). Sample preparation for NMR spectroscopy
included dissolving MetCMC in D2O solvent. A Varian NMR spectrometer (model: Unity

Figure 7. 2 ¹H NMR spectrum of MetCMC (D2O, 400 MHz): δ (ppm) = 1.78
(s, CH3 of methacrylate, 3 H), 3 – 4.5 (m, CMC backbone), 5.6 (s, alkene CH,
1 H), 6.0 (s, alkene CH, 1H).
400 MHz) was used to obtain all NMR spectra.
7.2.4 CNF and CNF-MetCMC Substrates
The as-received 3 wt% CNF(aq) suspension was air dried to obtain gels with 15
wt% CNF. CNF substrates of 90% porosity were prepared by flash freezing gels (15 wt%
CNF) in liquid nitrogen followed by lyophilization (-80oC, 50 mTorr). Ice acts as porogen
in the CNF matrices during the freeze-drying process [84,89]. The porosity of the freezedried CNF substrates was calculated by the following equation:

118

wice
ρ
Porosity(P) = w icew
cnf
ice
ρcnf + ρice

(7.1)

where, wcnf = wt% of CNF, ρcnf = density of CNF (1.5 g/cm3) [87], wice = wt% of ice in the
sample and ρice = density of ice (0.92 g/cm3) [54].
Aqueous MetCMC solutions were mixed with CNF suspensions followed by
addition of I2959 (1 wt%) to achieve 25, 20, 15, 10, and 4 wt% CNF-MetCMC
suspensions. The ratio of wt% between CNF and MetCMC was kept constant for all the
samples (80% CNF:20% MetCMC). The mixtures were then transferred to polylactic acid
molds (5 cm X 0.5 cm X 0.2 cm). The top and bottom ends of the molds were covered
with microscope cover glass to protect the samples from air exposure followed by 10 mins
of UV irradiation (35 mW/cm2) on each end of the mold to generate crosslinked CNFMetCMC hydrogels. The crosslinked hydrogels were then frozen rapidly by immersion in
liquid nitrogen, followed by lyophilization to generate 80%, 85%, 90%, 95% and 97%
porosity (calculated by equation 1) substrates. To generate a porosity gradient (90% to
97% porosity) within the same crosslinked substrate, a 0.5 cm X 0.5 cm X 0.2 cm volume
of the mold was filled with 15 wt% CNF-MetCMC suspension whereas the remaining mold
volume (4.5 cm X 0.5 cm X 0.2 cm) was filled with 4 wt% CNF-MetCMC aqueous
suspension. A 0.5 wt% aqueous I2959 solution was mixed with both suspensions in a
ratio of 1:10 (I2959: suspension) before transferring to the mold. Crosslinked hydrogel
fabrication was carried out following the procedure explained above. The resultant
substrate had 90% porosity in 0.5 cm X 0.5 cm X 0.2 cm volume and 97% porosity in 4.5
cm X 0.5 cm X 0.2 cm volume after freeze-drying (Figure 7.3).
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Figure 7.3 (a) Gradient porosity (90% and 97%) CNF-MetCMC substrate fabrication;
(b) Pore size distribution of the substrates at 90% porosity and 97% porosity. The
average pore diameter of 97% and 90% porosity substrates are ⁓75µm and ⁓20 µm
respectively.
7.2.5 Silver-CNF-MetCMC Substrates
Methacrylate functionalized carboxymethyl cellulose (MetCMC) solution (1 wt%)
was made by dissolving MetCMC into a suspension of aqueous silver nanoparticles (⁓1
wt% silver) followed by sonication for 1 hour. AgNP-MetCMC solution was then mixed
with CNF suspension and vortexed to obtain 25, 20, 15, 10, and 4 wt% CNF-MetCMC
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suspensions. The ratio of wt% between CNF and MetCMC was kept constant for all
samples (80% CNF: 20% MetCMC). Crosslinked AgNP-CNF-MetCMC substrates with
80%, 85%, 90%, 95%, 97% porosity and substrates with porosity gradient (90% to 97%
porosity) were prepared following the same procedure as section 2.4. Characterization of
the substrates was done by X-ray powder diffraction (XRD) and scanning electron
micrograph (SEM) analysis.
7.2.6 Polydimethylsiloxane (PDMS) Coating on the Substrate Surface
Sylgard 184 was used to form a crosslinked PDMS coating on CNF-MetCMC and
AgNP-MetCMC substrates. Dimethyl siloxane base elastomer and curing agent (crosslinker) were mixed at a ratio of 5:1 (base: curing agent) [203]. As illustrated in figure 7.4,
the mixture was kept at 25°C for 5 hours to form a partially crosslinked gel. The semicrosslinked viscous gel was then applied onto the methacrylate crosslinked substrate
surface and heated at 120°C for 15 minutes for the completion of the crosslinking reaction
[204]. The thickness of the PDMS layer on the substrate surface was about 0.5 - 1 mm.

Figure 7.4 PDMS coating on CNF-MetCMC substrate
7.2.7 Materials Characterization
TA Instruments TGA Q500 was used for thermogravimetric analysis (TGA) on the
samples. The mass of each sample was held constant (10 mg) for the TGA experiments.
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The temperature was ramped at 10oC/min up to 600oC for dynamic TGA experiments.
For Isothermal TGA, the temperature was ramped at 20oC/min until it reached 120oC, at
which point it was held constant for 1 hour.
A goniometer was used for measuring static contact angles of the sample surfaces.
A KSV-CAM 101 was used to capture video of water droplets. Contact angles were
measured from a steady state sessile drop achieved after 30 s of the drops contacted the
substrate surfaces. 5 measurements per sample were carried out for statistical analysis.
ImageJ framework analysis was used to calculate contact angles.
SEM images of all samples were obtained using a Zeiss NVision 40 microscope.
Samples (2 mm thick) were mounted on aluminum metal stubs by double-sided adhesive
conductive carbon tape. Au-Pd sputtering was used to make the samples conductive.
ImageJ, an open source image processing program, was used for analyzing SEM images.
To acquire TEM images, a 10 µL drop of the as-prepared colloidal silver
nanoparticles was placed on a carbon coated copper grid and subsequently evaporated
at room temperature. TEM images of the silver nanoparticles were obtained using a
Philips/SEI CM10 microscope (100kV acceleration voltage, 2.2 Å resolution).
The X-ray powder diffraction (XRD) patterns were recorded on a PANanalytical
X’pert MRD X-Ray diffraction system using Cu kα radiation and a scanning rate of
0.3o/sec. A 2Ө range of 20 – 60 was used. X’pert HighScore Plus software was used to
analyze the spectra.
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Autopore IV from Micromeritics was used for carrying out mercury intrusion
porosimetry measurement. Two step measurements were performed: (1) low pressure
step and (2) high pressure step. Surface tension and the contact angle parameter were
input as 485 dyn/cm and 130o, respectively. The measurement in the low-pressure step
was carried out at 7-345 kPa. During the high-pressure step the maximum pressure
reached was 414 MPa.
7.2.8 Wicking Test
In order to qualitatively asses the solvent substrate interaction, a vertical wicking
test was performed by submerging one end (0.5 cm X 0.5cm X .2 cm) of the substrate
into a DI water bath (25o C) with the other end of the sample fixed in a sample holder.
The substrate was graduated every 0.5 cm to enable visualization of the solvent front and
quantify the rate of solvent progression.
7.2.9 Sampling, Spectral Measurement, and Processing of Raman Spectra
Crystal violet (CV), malachite green (MG) and trans-1,2 -bis(4-pyridyl) ethylene
(BPE) were used as probe molecules to test the sampling efficiency of the substrates. A
stock solution of 10-1 M was prepared for CV and MG. Due to the low solubility of BPE in
water, it was not possible to prepare BPE solutions at concentrations greater than 10 -3 M
at room temperature. Analyte solutions of lower concentration were prepared by serial
dilutions with DI water. For analyte sampling, one end of the substrate was submerged
(up to 2 mm height) into the analyte containing solution until the solvent front traveled 2.5
cm vertical length (Figure 7.5a). Three trials were performed for each concentration.
Raman spectra of the analyte concentrated surface of the substrates (both dry and wet)
were acquired after the completion of the sampling procedure (Figure 7.5b). Ten spectra
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were taken at ten different spots on the substrate surface. A custom-built Raman
microscope was used for acquiring the Raman spectra. A HeNe 532 nm laser used for
probing the analyte molecules (Figure 7.5c). A Plan N 40X 0.65 N.A. objective (Olympus)
and a 532 nm long pass filter was used to collect scattered (Raman) light. A liquid nitrogen
cooled CCD camera (coupled to a monochromator) was used for spectral collection.
Different acquisition times and laser powers were used for different measurements when
necessary to ensure adequate contrast-to-noise (CNR) for peak detection. Backgrounds
were subtracted from all spectra before peak intensity analysis. All spectra were
normalized by acquisition time and power for comparison of peak intensities. The average
of 10 spectra per trial and 3 trials for each concentration (total N ≥ 30) were used for
statistical analysis of peak intensities. Original spectra were used for signal-to-noise
(SNR) and contrast-to-noise (CNR) analysis.
7.3 Results and Discussion
7.3.1 Porous Substrate Development for Capillary Preconcentration
3-dimensional (3D) porous CNF substrates readily absorb aqueous solutions
containing analyte due to the capillary action within the hydrophilic CNF matrix. During
this fluid uptake process, while the aqueous phase moves along the porous network of
the substrate, organic molecules from the analyte solution are adsorbed onto the CNF
surface by hydrophobic and van der Waals interactions similar to hydrophobic
chromatography,

CH-𝛑

interactions

(aromatic-carbohydrate

interactions),

and

electrostatic interactions [96–98,205]. This suggests a preconcentration strategy as
illustrated in Figure 7.5a. In this proposed approach, the analyte molecules are
concentrated onto the CNF surfaces during the wicking process (Figure 7.5b), and
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Figure 7.5 (a) PDMS coating and (b) Uncoated NFC-MetCMC bottom surface of
the crosslinked AgNP-NFC-MetCMC substrate; (c) Physical (polymer chain
entanglement, particles entrapment, and hydrogen bonding) and chemical
interactions (crosslinking by covalent bonds) of NFC, MetCMC and silver
nanoparticles; (d) Physical and chemical interactions of crosslinked PDMS chains;
(e) Preconcentration using NFC-MetCMC Raman/SERS substrate ; (f) Substrate
removed after preconcentration; (g) Sample holder; (h) Probing the analyte
concentrated (bottom surface) substrate with laser for analyte detection by Raman
spectroscopy; (i) Data display.
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subsequently quantified using Raman micro-spectroscopy of the exposed surface (Figure
7.5c). During sampling, the highly porous as-prepared unmodified CNF substrates
effectively wicked water and organic molecules but did so along and through all of the
contact surfaces (Figure 7.6a). Likely this was a result of the high porosity, lack of an

Figure 7.6 (a) Pure CNF substrate after preconcentration of malachite green
(MG) solution. Black arrow indicates dye on the surface, and the red arrow
indicates dye on the cross-section. (b) SEM image showing the open porous
structure of the substrate surface.
oriented capillary like structure, combined with the high wettability of the porous
hydrophilic CNF surface (Figure 7.6b).
As a result, analyte molecules were deposited on or near all of the external and internal
surfaces of the material, resulting in poor preconcentration. An additional challenge was
the loss of stiffness of the unmodified CNF substrates in water which made it difficult to
handle the substrates during sampling and analysis [50]. To address each of these
issues, a chemical crosslinking method was implemented. Previous work has shown that
an

interpenetrating cross-linked

network of

CNF

and

methacrylate modified

carboxymethyl cellulose (MetCMC) stabilizes the rewetted gels against disintegration in
water and enhances mechanical robustness [50]. In this approach, an aqueous mixture
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of CNF, MetCMC, and I2959 (a radical initiator) is exposed to UV irradiation, resulting in
chemical crosslinking between the methacrylate groups of MetCMC in the CNF-MetCMC
mixture. The extensive crosslinking of MetCMC near the surface of the CNF-MetCMC
matrix generates a dense film-like surface (Figure 7.7a) whereas the internal porous
morphology is retained (Figure 7.7b). When crosslinked CNF-MetCMC substrates are
brought in contact with analyte solution, the aqueous phase moves throughout the
structure while organic molecules are concentrated primarily on the external substrate
surfaces (Figure 7.7c). In contrast, when an inner cross-section of the substrate is
exposed and brought in contact with analyte solution, capillary action through the exposed

Figure 7.7 SEM micrographs of: (a) film-like surface of crosslinked CNF-MetCMC
substrate, and (b) cross-section showing the internal pore structure of the substrate. (c)
image of cross-linked CNF-MetCMC substrate after sampling in MG solution. The end
has been removed to expose the interior. The black arrow indicates dye on the
substrate surface and the red arrow indicates the cross-section of the substrate where
little or no dye is visible. (d) When the film like end is removed prior to sampling, dye is
visible throughout the substrate (red arrow). Image c and d have the same scale bar.
127

porous structure rapidly wicks water, along with the analyte molecules, into the porous
substrate. This was demonstrated by simply removing the approximately 2 mm of the
terminal end, by cutting with a razor blade, prior to dye sampling. The results are shown
in Figure 7.7d. Here, the film-like surface of the crosslinked substrates acts as a barrier
coating between the porous internal structure and analyte solution in contact with the
substrate. When submerged in solution, the analyte molecules are not rapidly wicked
along with the mobile phase. The increase in residence time at the film-like surface,
increases the likelihood of adsorption, relative to the more porous non-crosslinked
substrate. Hence, crosslinked CNF substrates outperform CNF-only substrates in their
ability to concentrate analytes at the substrate surface. Further, the dominance of
hydrophilic behavior of the crosslinked film is evidenced by contact angle analysis. Due

Figure 7.8 (a) SEM micrograph of PDMS coated crosslinked CNF-MetCMC substrate.
Red and white arrows indicate PDMS coated and uncoated surfaces, respectively. (b)
PDMS coated crosslinked CNF-MetCMC substrate after sampling in MG solution. Red
arrow indicates PDMS coating. Black arrow indicates MG visible only on uncoated
terminal surface.
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to larger internal pore volume, the contact angle of 97% porosity substrates is lower than
that of the 90% porosity substrates (30 and 40, respectively) (Figure C1). When one
end of the 3D crosslinked substrate is submerged, analyte solution passes through all of
the amphiphilic surfaces in contact with solution (5 surfaces), whereas passing the
analyte solution through only a single surface would be more effective in concentrating
the analyte. To address this point, a PDMS coating was applied to the 4 vertical surfaces
of the substrate while the end was left uncoated. SEM and contact angle analysis
indicated that the PDMS coated substrate surfaces are highly hydrophobic (ϴ c = 108°)
and non-porous (Figure C1). To preserve the internal porous hydrophilic structure under
the PDMS coating, semi-crosslinked gel-like PDMS was manually applied onto
crosslinked CNF substrate surfaces limiting penetration into the porous material,
generating a thick film barrier coating. The semi-crosslinked PDMS surface was then
heated at 120oC for 20 mins, ensuring extensive crosslinking [204]. Figure 7.8a shows
the nonporous PDMS film present on the surface and the internal porous structure of the
crosslinked CNF-MetCMC substrate. The structural stability of the substrate during the
crosslinking step under heating was tested by thermogravimetric (TGA) analysis (Figure
C2). As indicated in Figure C2, isothermal TGA at 120oC does not show significant mass
loss when heated for a prolonged period (1 hour). Also, differential TGA (DTG) analysis
shows that the onset temperature for CNF-MetCMC and PDMS-CNF-MetCMC
degradation is about 200oC and 250oC, respectively (Figure C2 inset). This data together,
confirms that the CNF-MetCMC structure remains stable during the heat treatment step.
When submerged, the solution containing analyte cannot pass through the
nonporous hydrophobic PDMS coated surfaces of the substrate, but rather must pass
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Figure 7.9 Porosity vs. wicking time (5 cm wicking
height) and wicking height vs wicking time (inset)
for substrates with two-step porosity (90% and
97% porosity).
through the single uncoated end of the substrate. As a result, all of the organic analytes
are concentrated onto a single surface (Figure 7.8b). To optimize this effect, a range of
porosities of PDMS-coated substrates were tested to determine the optimum porosity of
the respective substrates for sampling. A wicking test was used to determine the optimum
porosity of the substrates. As seen in Figure 7.10, higher porosity substrates wick water
more rapidly compared to low porosity substrates (using a fixed 5 cm wicking length), the
fastest wicking time (⁓10 mins) being exhibited by 97% porous substrates. Therefore,
substrates with 97% porosity afford higher sampling rate and simultaneously larger
volume of analyte solution to be concentrated on the surface of interest, compared to the
rest of the samples tested. However, due to the significant loss of modulus in the wetted
state [50], crosslinked substrates at 97% porosity are not ideal for sample handling. To
balance the mechanical robustness, sampling rate, and volume of analyte solution
sampled, the final design of the substrate was chosen as such: the end to be submerged
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in analyte solution (0.5 cm x 0.5 cm x 0.2 cm) is composed of 90% porous materials
whereas the rest of the substrate is at 97% porosity (Figure 3). Since the wicking rate for
aqueous solutions along the substrates decreases with the vertical distance travelled by
the solvent front (Figure 7.10 inset), to make sampling time practically viable, the
substrate length (wicking height) chosen was 2.5 cm (⁓5 mins wicking time). The amount
of solution absorbed by the two-step porosity substrate is ⁓235 µL, which is sampled in
approximately 5 minutes.
Finally, silver nanoparticles (AgNPs) were incorporated throughout the substrate by direct
addition into the wet CNF-MetCMC hydrogel, in order to enhance the subsequent Raman
signal via the SERS effect. The morphology (surface barrier / porous internal structure)
of the resulting substrates was not notably affected by the incorporation of AgNPs, as
shown in Figure 7.9. SEM images of AgNP-CNF-MetCMC substrates suggest that the

Figure 7.10 SEM showing AgNP clusters on the
substrate surface and (inset) enlarged image
illustrating nanoparticles aggregation.
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cluster of silver nanoparticles are relatively uniformly distributed. The clusters provide
potential hot spots which can significantly enhance Raman signal intensity.
From Figure C.3, the average diameter of the silver nanoparticles is ~50nm. XRD
analysis also exhibits the presence of elemental silver on the substrate surface (Figure
C3). XRD of AgNP-CNF-MetCMC substrates exhibit peaks from the crystalline plane of
cellulose at 14.5o, 16.6o, 22.7o, 34.4o and at 38o, 44o, 64o, 77o which correspond to the
reference values of f.c.c. silver crystals [206]. Figure 7.5 a – d illustrates a schematic of
PDMS coated crosslinked AgNP-NFC-MetCMC substrates where siloxane oligomers are
chemically crosslinked to form a robust coating on the surface (Figure 7.5d), MetCMC
chains are chemically crosslinked, MetCMC and NFC chains are hydrogen bonded (inter
and intra-molecular) and physically entangled, and AgNPs are physically entrapped in the
matrix (Figure 7.5c).
The contact angles of the surface of AgNP-CNF-MetCMC substrates, for both the
97% and 90% porosities, (25 and 30, respectively), decreased slightly as compared to
the CNF-MetCMC substrates (Figure C1). This decrease may be due to multiple
contributing factors including: a change in surface roughness due to the presence of the
AgNPs, a change in hydrophilicity due to the AgNP citrate coating, a change in the extent
of hydrogen bonding due to steric constraints introduced by the presence of the AgNPs.
7.3.2 Raman Spectra of Analyte molecules
The overall ability for the substrates to enhance Raman signal was based on the
use of typical Raman probe standards. Raman spectra of crystal violet (CV), malachite
green (MG), and 1,2-bis (4-pyridyl) ethylene (BPE) were acquired in 3 different conditions:
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(1) analyte solutions in welled slide glass (control), analytes concentrated on (2) CNFMetCMC substrates (neat-substrate), and (3) AgNP-CNF-MetCMC substrates (Agsubstrate). Representative Raman spectra are shown in Figure 7.11, normalized for laser
intensity and integration time. Spectra for the welled slide glass control and the neatsubstrates have been multiplied by 100X and 10X, respectively, to facilitate the
comparisons.

Figure 7.11 Comparison of Raman spectra of acquired using Ag-substrates (red), neatsubstrates (blue), and in welled slide glass (black) of probe molecules: (a) crystal violet
(CV) and (b) Malachite Green (MG)(b) 1,2-bis (4-pyridyl) ethylene (BPE).
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Characteristic peaks of CV, MG, and BPE from each condition are in good
agreement with the literature values (Table C1,2&3). The dashed vertical lines in figure
7.11 indicate fundamental vibrational frequencies, which were not appreciably affected
by the varying sampling conditions. Notably, BPE was not detectable in welled slide glass
and in neat-substrates, whereas fundamental peaks of BPE were clearly visible in the
spectra obtained using Ag-substrates due to the plasmonic SERS effect (Figure 7.11c).
7.3.3 Limit of Quantification (LOQ)
To better asses the overall sensitivity of the neat- and Ag-substrates, standard
spectra

were

obtained

by

sampling

solutions

with

decreasing

analyte

concentrations and a Limit -of-Quantification (LOQ) was calculated. Spectra were
obtained immediately following sampling while still wet, and after drying. Peaks
used for LOQ determination were: 1601 cm -1,1335 cm-1, 1137 cm-1 for CV; 1594
cm-1, 1337 cm-1, 1190 cm-1 for MG; 1631 cm -1, 1599 cm-1, 1194 cm-1 for BPE. The
resulting intensities were normalized by laser power (µW -1) and spectra acquisition
time (s-1) and plotted against initial analyte solution concentration. Individual peak
intensities were calculated from the sum of the three individual intensities centered
around each peak. The sum of the intensities of the 3 dominant peaks in each
spectrum (Isum), as described in He, Young et al [112], were used for the LOQ
analysis, and are shown versus probe molecule concentration in Figure 7.12a,b
and Figure 7.15f – j. The linear regions indicated in Figure 7.12a,b and Figure 7.15f
– j were investigated for determination of the limit of quantification (LOQ), where in
each region increasing analyte concentration resulted in predictable Raman
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Figure 7. 12 Concentration vs (3 points integrated) normalized sum intensity (Isum) of 3
selected peaks in Raman Spectra plots of (a) CV and (b) MG in welled slide glass
condition. Normalized Raman spectra of (c) CV and (d) MG in welled slide glass
condition.
intensities. The LOQ values of the probe molecules at welled slide glass, neatsubstrate and Ag-substrate conditions are listed in Table 7.1.
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Table7.1 LOQ of the probe molecules
Probe Molecules

Welled Slide

Neat-Substrates

Ag-Substrates

Glass
MG

10-4 – 10-1 M

10-5 – 10-3 M

10-8 M – 10-5 M

CV

10-5 – 10-1 M

10-6 – 10-3 M

10-8 M – 10-5 M

BPE

-

-

10-8 M – 10-4 M

7.3.4 Intensity Trend Discussion
Due to the hydrophobic interaction between substrates and organic analytes, the
concentration of probe molecules is expected to increase on the substrate surfaces
compared to the respective analyte solutions. Therefore, Raman signal intensities of
analyte molecules are expected to increase, when spectra are acquired from analyte
concentrated substrate surfaces. Moreover, due to the presence of a barrier film on the
crosslinked substrate surface and analyte preconcentrating on only 1 of the 5 submerged
surfaces, the preconcentration efficiency is expected to improve further. For example,
when 10-5 M solution is used to preconcentrate MG and CV on the substrate surface, the
intensity of the Raman peaks of the analytes increases ~5 – 10-fold when
preconcentration is carried out with the crosslinked substrates with a film barrier on the
surface compared to the porous unmodified CNF substrates with no film barrier on the
surface (Fig. 7.13). Therefore, Raman signal intensities of analyte molecules are
expected to increase significantly, when spectra are acquired from analyte concentrated
(crosslinked) substrate surfaces. For comparison, Raman signal intensities of dye
molecules from the neat-substrate surfaces increase ⁓30-40 fold compared to the welled

136

slide glass control (Figure 7.14). At relatively high concentrations, Raman signal from
neat-substrates does not increase significantly with the increase of dye solution
concentration from 10-3 M -10-1 M (Figure 7.15 f and i). There was little (for CV solutions)
or no (for MG solutions) statistical difference between the Raman peak intensities from
neat-substrates probed with 10-3 M – 10-1 M dye solutions. A possible explanation for this

Figure 7.13 Raman spectra of probe molecules (10-5 M MG and CV)
preconcentrated on crosslinked and unmodified NFC only substrates. Black, red,
blue, and green lines represent Raman spectra of MG from crosslinked neat
substrate, MG from unmodified NFC only substrates, CV from crosslinked neat
substrate, and CV from unmodified NFC only substrates, respectively.
phenomenon could be attributed to the effective concentration of analytes remaining
unchanged on the substrate surface due to saturation of the respective surfaces by dyes
at these concentrations. As illustrated in Figure 7.16, dye molecules will diffuse beyond
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the substrate surface when the solution analyte concentration is 10 -3 M, or more.
Therefore, preconcentration of the dyes on the substrate surface does not further improve
for solution concentrations above this value. As illustrated in figure 7.15f&h, Raman peak
intensity data of the probe molecules (MG and CV) ptrconcentrated on neat substrates
exhibit a good fit in langmuir model. The constant values are listed in Table 7.2.
When substrates (analyte concentrated) are dried, due to the removal of
water molecules, the substrate volume shrinks significantly. Therefore, the spatial
concentration of analytes is expected to increase within the dry substrate as
compared to wet conditions, resulting an enhancement in Raman signal intensities.
Raman signal intensities of analyte molecules from dry neat-substrate surface
increase ⁓5-10 fold from 10-6 M - 10-1 M for CV and ⁓2 fold from 10 -5 M - 10-4 M
for MG, compared to their respective wet conditions (Figure 7.15 f and i). Similarly,

Figure 7.14 Comparison of bulk signal intensities (Ir) from Ag substrates, no
Ag substrates and welled slide glass conditions. In this case, SERS signal
were not treated separately when Ag substrate signal were compared to no
Ag substrate and welled slide glass conditions.
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Raman signal intensity of analyte molecules from dry Ag-substrate surface
increases ⁓5-10 fold from 10-12 M -10-6 M for CV, ⁓2-5 fold from 10-12 M -10-8 M
for MG, and ⁓7-10 fold from 10-12 M -10-6 M for BPE, over wet conditions.
However, at higher concentrations (10-5 M – 10-1 M CV, 10-7 M – 10-1 M MG, and
10-5 M – 10-3 M BPE for Ag-substrates, and 10-3 M – 10-1M MG for neat-substrates),
no significant statistical differences were observed in the Raman peak intensities
of analytes from dry and wet substrate surfaces (Figure 7.15 f – i).
Surface enhancement effects resulting from the plasmonic silver nanoclusters
incorporated into the Ag-substrates are expected to enhance the Raman signal
significantly. While the Raman signal intensities did increase in general for the Agsubstrates, different intensity trends were observed for varying analyte
concentration ranges (Figure 7.15 f,g,i), suggesting a somewhat more complicated
physical picture. SERS data of the probe molecules from the Ag-substrate surface
over a wide range of concentration do not provide a good fit in Langmuir model
since the basic assumptions of Langmuir models such as monolayer formation on
flat surface, uniformity of adsorption sites, and full coverage of the adsorption sites
at saturation may not completely apply for these substrates [113]. A relatively
simple model which accounts for the interaction of the probe molecules with the
available surfaces of the substrates, and the resulting SERS intensities, as a
function of analyte concentration was developed and is illustrated in Figure 7.15k.
Specific concentration regions (I – V) and the proposed physical picture in each
region is presented in Fig. 7.15k where a sigmoidal relationship between
concentration and intensity was observed for MG and CV (region I-III), and BPE
(region I - IV´). A generalized Langmuir model developed by Altun et al. was used
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to fit the sigmoidal trend in the log-linear plots of concentration vs. SERS intensity
of the probe molecules [113–117]. Following equation was used for the data fitting:
Ө=

αK eq C n
1 + K eq C n

(7.2)

Where, Ө, α-1, Keq, C represents surface coverage, packing quality, adsorption
constant, and concentration of probe molecules, respectively. The value of α -1 is
less than 1, and the value of n is in between 0 and 1. When the value of α and n
approaches to unity, equation 1 reduces to the basic Langmuir model from. The
results from the curve fitting are listed in Table 7.2.
Table 7.2 Results of the Langmuir curve fitting
Langmuir Model for neat-

Generalized Langmuir Model for neat-

substrate data

substrate data

Analytes

Keq

Adj R2

Keq

α-1

n

Adj R2

MG

426.22

0.979

5.15 X 105

1.8 X 10-2

0.93

0.992

CV

324.62

0.993

5.90X105

1.5 X 10-2

0.85

0.993

BPE

-

140.84

1.4 X 10-3

0.31

0.993

When Ag-substrates are used to sample solutions with low analyte
concentrations (⁓10-12 M – 10-9 M), a significant fraction of the analyte molecules
are adsorbed onto the substrate rather than the available nanoparticle surfaces
(Figure 7.15k,region I). For example, the number of probe molecules at 10 -13 M
solution, when concentrated on the substrate surface, is ⁓20 in the focal volume,
whereas there are ⁓200 nanoparticles in the focal volume (Table C4). Therefore,
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Figure 7.15 Normalized Raman spectra of: MG on (a) neat- and (b) Ag-substrates; CV
on (c) neat- and (d) Ag-substrates; and (e) BPE on Ag-substrates. Normalized intensity
vs. concentration plots of: MG preconcentrated on (f) neat- and (g) Ag-substrates; CV
preconcentrated on (h) neat- and (i) Ag-substrates; (j) BPE preconcentrated on Agsubstrates. In plots f – i, closed and open circles represent Raman intensity of probe
molecules from the wet and dry substrate surfaces respectively. (k) SERS intensity
trend of analytes on Ag-substrate at different concentrations of analyte solutions.
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at these concentrations, the probability of finding analyte molecules (in the focal
volume) being on or near an Ag nanoparticle is low. The modest increase in signal
with concentration (~1.5:10), and high variability could be attributed to this
phenomenon where analytes would occasionally adsorb onto the AgNP surfaces
giving rise to the SERS effect.
In region II (⁓10-10 M to 10-6 M), the number of analyte molecules is expected to
increase significantly (⁓2 x 104 – 2 X 108 in the focal volume) on the substrate surfaces.
Therefore, the probability that analyte molecules being near or on the nanoparticles would
increase significantly in this region. Hence, the Raman signal intensity from analyte
concentrated Ag-substrate is expected to increase significantly in this region. Though
elevated in number (number density) of the molecules that are not proximal to
nanoparticles are not anticipated to contribute appreciably to the measured signal.
At even higher concentrations (⁓10-6 M -10-5 M), the possibility of AgNP surfaces
being saturated with dye molecules increases which could result in a limit in the SERS
contribution to the observed signal (Figure 7.15k,region III). Above saturation of the
nanoparticle surfaces with probe molecules, the observed signal is expected to only
increase slightly or even plateau as the signal from subsequent molecules may not
effectively enhanced. From Figure 7.16, dye molecules are mostly visible at the surface
up to 10-5 M for both CV and MG, whereas at or higher than 10-4 M, apparent diffusion of
dyes beyond the contact surface of the substrates is observed. These phenomena
suggest that the substrate surfaces possibly become saturated with dye molecules when
the sampling is carried out at the higher concentrations (⁓10-4 M – 10-1 M).
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Figure 7.16 Cross-section of the substrates when exposed
to (I) 10-6 M (II) 10-5 M (III) 10-4 M (IV) 10-3 M (V) 10-2 M (VI)
10-1 M of CV solutions and (VII) 10-6 M (VIII) 10-5 M (IX) 104

M (X) 10-3 M (XI) 10-2 M (XII) 10-1 M of MG solutions.

In region IV, the SERS signal intensity of dye molecules on Ag-substrate
decreases surprisingly with an increase in analyte concentration, rather than continue to
increase slightly as expected. One possible explanation for this observation could be
attenuation of the incident laser irradiation due to the large absorption cross-section (at
532 nm) of the highly colored dye molecules (in the focal volume) (Figure 7.17). At these
analyte concentrations, multilayer adsorption on the nanoparticle surfaces, and
throughout the substrate matrix, is expected, which could account for significant light
absorption, attenuating the light before it ever reaches the nanoparticle surface. Unlike
dye molecules, when Ag-substrates are probed with ⁓10-5 M – 10-3 M BPE (Figure
7.15k,region IVʹ), Raman signals plateau with increasing concentration rather than
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showing a decreasing trend. BPE being a non-absorbing (Figure 7.17) molecule at 532
nm, may not effectively attenuate the incident radiation. As a result, both non-enhanced
and SERS contributions in the signal are observed, which due to saturation of the AgNP
surfaces and a gradual reduction in the SERS cross-section, only increase slightly with
concentration. BPE concentrations above 10-3 M could not be prepared due to the low
solubility of BPE in water. Therefore, the Raman signal trend for concentrations above
10-3 M BPE could not be tested.

Figure 7.17 (a) UV-Vis spectra of CV (λmax1= 300 nm; λmax2=545 nm; λmax3= 590 nm),
MG (λmax1= 314 nm λmax2= 423 nm λmax3= 617 nm) and 1,2-bis BPE (λmax = 300 nm).

In region V (⁓10-3 M - 10-1 M), as the concentration is further increased, the resulting
signal intensities appear to again saturate (Figure 7.15 f&i). Moreover, there are no
statistically significant differences in the Raman signal intensities of dye molecules from
the neat- and Ag-substrates in this concentration region. These observations suggest that
the Raman peak intensities from the dye molecules in this region had little or no SERS
effect.
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In this region, the thickness of the multilayer dye molecules adsorbed on the
substrate surface is expected to increase due to the significantly high concentration of
analyte molecules being used. From Figure 7.16 IV-VI & X-XII, when probed with 10-3 M
to 10-1 M solutions, significant diffusion of the dyes past the contact surface of the
substrates is observed. The cross-section of the substrates appears nearly as saturated
as the surfaces at these concentrations. This observation suggests complete saturation
of substrate surfaces with dye molecules in this region. Moreover, at concentrations 10-2
M & 10-1 M, wicking of the analyte solutions (CV and MG) became significantly slow (in
both the neat and Ag-substrates) after 2 cm wicking, due to a phenomenon commonly
known as “filter caking effect” [207–210]. These observations indicate a thicker multilayer
formation of dye molecules on substrate surfaces in region V, compared to region IV.
Hence, in region V, when Ag-substrates are probed with laser, dye molecules in the focal
volume will possibly be at a significantly longer distance from AgNPs surfaces. Therefore,
the influence of the plasmonic effect of AgNP surfaces on Raman scattering of dye
molecules on Ag-substrate was not exhibited in this region (no SERS effect). To test the
assertion, 2X longer (5 cm instead of 2.5 cm) substrates were used where the total fluid
sampling volume was doubled and the time to dye saturation was anticipated to be
reduced. For these samples, similar trends in Raman and SERS signal intensity of probe
molecules, as illustrated in Figure 7.15, were observed. Due to the length increase, more
volume of analyte solution passes through the substrate surface (⁓470 µL instead of
⁓235 µL). Therefore, the concentration of analyte molecules on the substrates’ surfaces
are expected to double (assuming no diffusion below the substrate surface). From Figure
7.18a&b, Raman signal intensity of dye molecules on Ag-substrate surface, when probed
with 10-5 M solution, increases with the increment of analyte solution passed through the
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Figure 7.18 Volume of analyte solution passed through (wicked) the substrate (V w)
vs log normalized intensities (Isum) of (a) CV and (b) MG on neat and Agsubstrates; (c) Isum of 10-3 M BPE on Ag-substrates. Each data point is the average
of three trials (10 measurements on each trial) where the sample standard
deviation is shown. Peak Intensities have been normalized by acquisition time and
laser power density.
substrate surface (up to 3 cm wicking). After 3 cm, Raman peak intensities of analyte
molecules on Ag-substrate surface start to decrease with the passage of more analyte
solution through the substrate surface. Raman signal intensity decreases with the wicking
height (1-5 cm), when the Ag-substrate surface is probed with 10-4 M - 10-1 M dye
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solutions. These phenomena can be explained from the SERS effect decrease at high
concentrations of dyes due to multilayer adsorption and laser intensity attenuation in
multilayer of dyes. From Figure 7.18c, there was no significant statistical difference in the
Raman peak intensities of BPE molecules when spectra were acquired from Agsubstrates after passage of ⁓94 - 470 µL of solutions (1-5 cm wicking). BPE being nonabsorbing molecule at 532 nm could be the possible reason for this phenomenon.
Raman peak intensities from neat-substrate surface, when probed with 10-5 M &
10-4 M dye solutions, increases with the increase of dye solution passage through the
substrate surfaces (increasing wicking height) (Figure 7.18a&b). Similarly, Raman signal
intensity from 10-3 M dye solution probed neat-substrate surface increases up to 3 cm
wicking height (⁓282 µL analyte passage) due to preconcentration of analytes on the
substrates. However, upon further wicking, Raman signal intensities from analyte
concentrated neat-substrates remains unchanged. There was no significant statistical
difference in the Raman signal intensities from neat-substrate surfaces probed with 10-2
M & 10-1 M dye solutions (1-5 cm wicking). Substrate surface saturation with dye
molecules is the possible explanation for this phenomenon. There was no significant
statistical difference in the signal intensities of dye molecules from neat and Ag-substrates
surfaces, when probed with 10-3 M (after 3 cm wicking) and 10-2 M - 10-1 M (1-5 cm wicking
height) solutions. This observation confirms no SERS effect in the Raman signal of dyes
on Ag substrates at high concentrations.
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7.3.5 SERS Enhancement Factor (EF)
The SERS signal intensity of analyte molecules from Ag-substrates surface
reached a maximum at 10-5 M concentration (Figure 7.15f,I,h ) due to saturation of the
nanoparticle surface with analyte molecules. Therefore, the 10 -5 M concentration was
selected to calculate the SERS enhancement factor. Since BPE was not detectable with
the neat-substrates, the SERS enhancement factor was calculated for CV and MG only
using the following function:

EF =

ISERS ∗ NBulk
Ibulk ∗ NSERS

7.3

where, EF = Enhancement Factor, defined as the Raman signal enhancement due to the
SERS effect compared to the standard Raman signal; ISERS = Integrated intensities of
Raman peaks from analyte molecules due to SERS effect, Ibulk = Integrated intensities of
Raman peaks of analytes from neat-substrate, Nbulk = Number of molecules on neatsubstrate, NSERS = Number of molecules experiencing SERS effect.

𝐍𝐒𝐄𝐑𝐒 =

𝐍𝐝 ∗ 𝐀 𝐥𝐚𝐬𝐞𝐫 ∗ 𝐀 𝐧
𝛔

Where, NSERS = Number of molecules adsorbed on silver surface;

𝐍𝐛𝐮𝐥𝐤 =

𝐀 𝐥𝐚𝐬𝐞𝐫 ∗ 𝐡 ∗ 𝛒
𝐦

Where, h = effective height =penetration depth; hCV = 15 µm and hMG = 10 µm (Figure
7.19)
ρ = density of probe molecules; ρCV = 1.19 g/ml and ρMG = 1.10 g/ml (Sigma Aldrich);
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m = molecular weight of probe molecules;
Nd = Number of particles per unit area;
Alaser = Area of the laser spot = 0.780 µm2;
Nd * Alaser = 160 (from Table 4)
An = Surface area of each particle = 0.00785 µm2
σCV = Area occupied CV molecules = 4.27 X 10-7 µm2 / molecule;[211] σ

MG

= Area

occupied by MG molecules = 4 X 10-7 µm2 / molecule [212];

Figure 7. 19 Laser penetration depth vs log normalized Raman intensities of (a) CV
and (b) MG. Sample were prepared by compressing powder dyes in between two
microscope slide glasses. Spectra were acquired by moving laser focus across (z
direction) the powder sample surface. Each data point is the average of 10
measurements where the sample standard deviation is shown. Peak Intensities have
been normalized by acquisition time and laser power density.

149

NSERS (CV) = ⁓3 X 106; NSERS (MG) = ⁓3 X 106
Nbulk (CV) = ⁓2 X 109
Nbulk (MG) = ⁓2 X 109
EF for CV and MG is calculated to be ~2 X 10 6 and ~2 X 105, respectively (S2). These
values agree with the average EF values from SERS substrates reported in the literature
[105,213–215] and support the effectiveness of the Ag-substrate for enhancing the
analyte Raman signal.
7.3.6 Limit of Detection (LOD)
The contrast-to-noise ratio (CNR) provides information about the distinguishability
of specific peaks from the background, while accounting for noise in both the peak and
background intensities. The CNR can be readily calculated, comparing any two spectral
features (peak vs. background), using the following equation:

CNR =

IPλ − IBGλ
C
=
N √(σ2P + σ2BG )
λ
λ

(7.4)

where, C = Contrast, N = Noise (signal variability), IPλ = Intensity at the peak position,
IBGλ = Intensity of the background, σPλ = uncertainty in the peak intensity, σBGλ = uncertainty
in the background signal intensity
Based on analysis of more than 30 spectra, a CNR value of 3 were chosen, where
peaks were qualitatively but clearly distinguishable from the background. With this
threshold, the LOD was calculated for each analyte for each sample type. The total
number of spectra used for each calculation was ≥ 30, where seven positions on a
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dominant peak (including the exact peak position) were used to perform CNR analysis
within each spectrum. The LOD values were calculated from the linear regression
analysis of the intensity vs concentration plots of the probe molecules. More specifically,
the LOD of the method was calculated by the following formula as reported in the literature
[216,217],

LOD =

3 ∗ Standard Deviation of the Intercept
Slope

The resulting LOD values are listed in table 7.3. The improvement of CNR (𝜂) of probe
molecules’ Raman peaks at different conditions was measured by taking the ratio of CNR
Table7.3 Results of linear regression analysis
Neat-Substrate
Analytes

Slope

Intercept

Adj R2

%RSD

LOD

MG

3.78X105

5.88

0.961

8.54

3.7X10-5 M

CV

1.19X104

1.48

0.999

5.8

1.7X10-5 M

BPE

-

-

-

-

-

Ag-Substrate
Analytes

Slope

Intercept

Adj R2

%RSD

LOD

MG

3.92X109

2.55

0.962

11

2.6 X 10-10 M

CV

2.14X109

1.4

0.941

7.54

2.6 X 10-10 M

BPE

8.06X109

5.87

0.912

9.39

2 X 10-10M

Welled Slide Glass
Analytes

Slope

Intercept

Adj R2

%RSD

LOD

MG

1.27 X 102

0.616

0.992

2.15

1.31X10-3 M

CV

1.3 X 104

0.91

0.92

3.16

2.5 X10-3 M

BPE

-

-

-

-

-
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values of the respective peaks at different conditions . Due to analyte preconcentration
and the SERS effects, the CNR values are expected to improve when Raman spectra of
analyte molecules are acquired from the CNF substrates compared to the welled slide
glass control. This phenomenon is evidenced in Figure 7.20, where the calculated CNR
of spectral features for the three sampling conditions are compared as ratios of the
normalized CNR values calculated for each sampling condition. An average increase of
⁓5-8 times and ⁓5-15 times in the CNR of the Raman peaks (selected for LOD analysis)
of CV and MG, respectively, are observed for the neat-substrate compared to the welled
slide glass control, due to preconcentration. The CNR improves significantly (⁓10-20
times and ⁓10-30 times is observed for CV and MG, respectively) for Ag-substrates,

Figure 7.20 Comparison of normalized contrast-to-noise (CNRratio) between Raman
spectra of CV and MG on wet substrates. CNRratio at (a)1137 cm-1, (b) 1335 cm-1 and
(c)1601 cm-1 of CV. CNRratio at (d)1190 cm-1, (e) 1337 cm-1 and (f) 1594 cm-1 of MG.
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compared to the welled slide glass, due to both preconcentration and SERS signal
enhancement.
The CNR improvement from Ag-substrates to neat-substrates was not proportional
at all concentrations. When concentrated on Ag-substrate, about 3-10 times increase in
CNR is observed in the Raman spectra acquired for 10 -6 M – 10-4 M and 10-5 M – 10-4 M
solutions of CV and MG, respectively, compared to the neat-substrates. However, from
10-3 M – 10-1 M, no significant improvement (Ag-substrate / neat-substrate) in the CNR
was observed. In this concentration range, the SERS phenomenon may result in little or
no enhancement. No significant improvement in the CNR of Raman spectra of CV, MG
and BPE was observed when spectra from dry and wet states of the substrates (Ag dry/
Ag wet and neat dry/ neat wet) are compared (Figure C8; Figure C9). Based on the CNR
analysis, it can be concluded that both neat and Ag substrates significantly enhance the
detectability of trace level analytes in aqueous environments.
7.4 Conclusions
Methacrylate crosslinked robust NFC based Raman/SERS substrates can efficiently
concentrate organic analytes from aqueous solutions by capillary preconcentration. The
combination of the amphiphilic properties of the cellulose backbone, the filtration effect of
crosslinked surface, and the capillary action from the internal porous structure of the
crosslinked substrates, increase the concentration of analyte molecules significantly on
the surface, compared to the respective analyte solutions. This phenomenon improves
the performance (~30 – 40-fold) of the Raman substrates in trace level analyte detection
in aqueous environments.
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Using neat-substrates, ppm level detection of MG and CV molecules in aqueous
solution was possible. Incorporation of silver nanoparticles (AgNPs) significantly
enhanced the detection performance of the Raman substrates due to the plasmonic
SERS effect. In these systems, ppt (parts-per-trillion) level detection of all analyte
molecules tested in aqueous solution was possible. CNR (3:1) analysis provides more
insight about the detectability of characteristic peaks in the Raman spectra of analyte
molecules compared to SNR analysis alone. The region of linearity (LOQ) in the Raman
spectra of analytes from neat-substrates was 10-5 M – 10-3 and 10-6 M – 10-3 M for MG
and CV, respectively. The LOQ was dramatically improved to: 10-8 M – 10-5 M for MG, 108

M – 10-5 M for CV, and 10-8 M – 10-4 M for BPE, using Ag-substrates.
The observed Raman signal, and possible enhancement, can be described by

considering the fraction of analyte molecules adsorbed to the surfaces of the AgNPs
compared to that of the substrate NFC matrix. At a very low concentration, the Raman
signal intensities of probe molecules from Ag-substrates are significantly reduced due to
a lower probability of SERS contribution whereas at higher concentrations, the signal
intensity increases linearly with the increase of analyte concentration due to a higher
probability of SERS contribution. At even higher concentrations, the SERS signal
plateaus due to the saturation of AgNP surfaces with analyte molecules. With further
increase of analyte concentration, significant depletion of SERS contribution to bulk
Raman signal is observed for dye molecules. These unusual behaviors could be
attributed to multilayer adsorption of analytes on the substrate surface as well as direct
light absorption of the analyte molecules.
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CHAPTER 8
CONCLUSIONS AND FUTURE DIRECTIONS
CNF and CNF-AgNP composite gels and foams with varying porosity, density and
mechanical properties can be prepared, with superior control, by capillary dewatering
coupled with freeze drying method. This novel method is potentially more cost-effective
and scalable than the existing methods such as pressing, oven drying, supercritical CO2
drying, and spray drying to generate bulk volume of CNF based porous materials. In this
process, the dewatering rate can be controlled by tuning the parameters such as
temperature, pressure, and thickness of the capillary mold. Porosity values of the highly
porous CNF materials can be determined accurately by silicone oil saturation method
compared to other existing industry standard methods such as BJH, mercury porosimetry,
geometric method, and SEM image analysis. Fabrication of highly porous CNF gels and
foams incorporated with silver nanoparticles (AgNPs) is also possible using capillary
dewatering and freeze drying method. During this process, colloidal silver can be
incorporated into the CNF suspension prior to the capillary dewatering step. The
uniformity of AgNP dispersion throughout the CNF matrices is improved by increasing the
surface charge on AgNPs via pH adjustment of both AgNP and CNF suspensions. These
freeze dried highly porous AgNP-CNF composites can act as a surface enhanced Raman
scattering (SERS) substrate where the distribution of hotspots (proximity of AgNPs) are
engineered by pH adjustment. When all the matrix systems are at the pH ~9 prior to
mixing, the distribution of silver nanoparticles throughout the CNF matrices were found to
be more uniform, after lyophilization, compared to neutral (~7) pH system of the matrices.
Among all the porous samples tested, 90% porosity substrates were found to be the
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optimum for the SERS substrates Applications. Using this substrate, parts-per-million
(ppm) level detection of dye (CV and MG) molecules was possible.
Three-dimensional (3D) structure of the aforementioned highly porous CNF
materials lose their 3D structural integrity and mechanical robustness in aqueous
environments due to the disruption of hydrogen bonding in the CNF matrices by water. A
chemically crosslinked network of methacrylate functionalized carboxymethylcellulose
(MetCMC) incorporated in the CNF matrices successfully stabilized the 3D structure of
CNF gels in water. Moreover, significant improvement in the stiffness of these gels was
achieved via MetCMC crosslinking. Control over the physical and morphological
properties such as porosity, surface roughness, swelling and shrinkage has been
achieved by tuning the crosslinking extent, and the composition of CNF and MetCMC in
the composite gels. The stiffness of these gels has been improved successfully both in
the dry and wet state. These chemically crosslinked wet stable CNF-MetCMC gels have
been further modified to fabricate an auto sampling Raman substrate for trace level
detection and quantification of organic analytes in water by preconcentration of the
analytes and SERS. The capillary action of the hydrophilic porous structure and the
hydrophobic nature of the pyranose ring of cellulose in the substrates play a significant
role in this preconcentration method. This composite surface was also modified by the
application of a PDMS based hydrophobic coating on the surfaces (4 of 5 analyte exposed
surfaces) to further enhance preconcentration performance. A two-step porosity (90%
and 97%) was generated in the substrate to optimize sampling time, solution uptake
volume, and robustness of the substrates in water for practical applications. Using this
substrate, parts-per-trillion level detection of organic analytes (MG, CV and BPE) has
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been demonstrated. The SERS signal intensity trend of probe molecules from the
substrate surface relative to the population density of the probe molecules and the silver
nanoparticles was explained using a simplified model.
CNF and silver nanoparticles based porous materials described in this dissertation,
has great potential for the applications in multidisciplinary fields such as drug delivery,
wound healing, tissue engineering, point-of-care and diagnostics devices. As discussed
above, the environmental-analytical chemistry application of these materials has been
investigated comprehensively in this dissertation. Another potential application of this
material could be as sustainable and biodegradable absorbent pads for applications such
as substrates for biological sampling and lateral flow assay membranes in point-of-care
devices. Moreover, since AgNPs have been reported to act as antimicrobial agents [198],
AgNP incorporated porous crosslinked CNF substrates developed in this dissertation can
also be further investigated as antimicrobial substrates for water filtration memz.
Moreover, for Drug delivery applications, active ingredients of the drugs can be
loaded in the porous scaffold of the chemically crosslinked CNF gels. Since these gels
have tunable swelling and shrinkage properties in an aqueous environment, the release
of drug molecules in the physiological conditions can be tuned by tuning these properties
of the CNF gels. Since these CNF based gels can retain moisture and antimicrobial
ingredients, such as silver nanoparticles, these materials possess great potential in the
wound dressing applications. These gels also can potentially be used for tissue
engineering applications due to the fibrous structure of the CNF, and tunable porosity and
stiffness of the gels. The capillary action of porous gels also indicates the suitability of
these materials in point-of-care and diagnostic applications such as lateral flow
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membrane for standard enzyme-linked immunosorbent assay (ELISA) test. Therefore, a
thorough investigation of these materials for multidisciplinary applications would
potentially lead to the practical implementation of the technology and materials invented
and developed in this dissertation.
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APPENDIX A: SUPPLEMENTARY INFORMATION FOR CHAPTER 5
Table A.1 Raman Peak assignment of CV [218]
Literature CV
Values

in CV

on CV

on Vibrational Assignment

Welled

Bare-

Ag-

Slide Glass

Substrate

Substrate

435

434

434

434

CNC bending

522

522

522

522

CNC bending

715

689

715

715

CN stretching

760

760

760

760

CcenterC stretching/CN stretching

902

902

903

903

CCcenterC bending

1139

1137

1137

1137

CN stretching/ CCcenterC bending

1335

1342

1335

1335

CCC

ring

bending/

CCcenterC

asymmetric stretching /CH bending
1380

1380

1380

1380

CH bending/ CH3 symmetric bending
/CCC ring bending

1491

1491

1489

1489

CH3 asymmetric bending

1532

1532

1534

1532

CringN

stretching/CH3

symmetric

bending
1601

1601

1601

1601

179

In plane aromatic CC stretching

Table A.2 Raman Peak assignment of MG [219]
Literature MG in Welled MG
Values

Slide Glass

Bare-

on MG on Ag- Vibrational Assignment
Substrate

Substrate
436

414

424

424

Out of plane phenyl-C-phenyl

795

762

762

762

Out of plane ring C-H

914

896

896

890

Out of plane C-H bending

1170

1190

1190

1190

In plane C-H bending

1215

1235

1235

1235

Out of plane ring C-H rocking

1360

1337

1337

1337

In plane N-phenyl stretching

1393

1370

1370

1376

Out of plane N-phenyl stretching

1613

1594

1594

1594

In plane ring C-C stretching
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Figure B.1 Transmission electron micrograph (TEM) image of CNF suspension.
TEM was performed using Philips/FEI CM10 electron microscope.

Sample

preparation was carried out by air drying a drop of diluted CNF (0.1wt%)
suspension on a carbon coated grid. Image was taken at 64000 X magnification.
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Figure B.2 Large scale SEM images of CNF-MetCMC (crosslinked and noncrosslinked) and CNF aerogels of 0.95 porosity. (a) UV irradiated surface; (b)
cross-section of crosslinked MetCMC aerogel; (c) non-crosslinked surface of
MetCMC aerogel; (d) UV irradiated surface; (e) cross-section of crosslinked
CNF-MetCMC aerogel; (f) non-crosslinked surface of CNF-MetCMC aerogel; (g)
surface of CNF aerogel.
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Table C.1 Raman Peak assignment of CV [218]
Literature CV
Values

in CV

on CV

on Vibrational Assignment

Welled

Bare-

Ag-

Slide Glass

Substrate

Substrate

435

434

434

434

CNC bending

522

522

522

522

CNC bending

715

689

715

715

CN stretching

760

760

760

760

CcenterC stretching/CN stretching

902

902

903

903

CCcenterC bending

1139

1137

1137

1137

CN stretching/ CCcenterC bending

1335

1342

1335

1335

CCC

ring

bending/

CCcenterC

asymmetric stretching /CH bending
1380

1380

1380

1380

CH bending/ CH3 symmetric bending
/CCC ring bending

1491

1491

1489

1489

CH3 asymmetric bending

1532

1532

1534

1532

CringN

stretching/CH3

symmetric

bending
1601

1601

1601

1601
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In plane aromatic CC stretching

Table C.2 Raman Peak assignment of MG [219]
Literature MG in Welled MG
Values

Slide Glass

Bare-

on MG on Ag- Vibrational Assignment
Substrate

Substrate
436

414

424

424

Out of plane phenyl-C-phenyl

795

762

762

762

Out of plane ring C-H

914

896

896

890

Out of plane C-H bending

1170

1190

1190

1190

In plane C-H bending

1215

1235

1235

1235

Out of plane ring C-H rocking

1360

1337

1337

1337

In plane N-phenyl stretching

1393

1370

1370

1376

Out of plane N-phenyl stretching

1613

1594

1594

1594

In plane ring C-C stretching
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Table C. 3 Raman Peak assignment of BPE [220]
Literature

BPE

on

Ag- Vibrational

Values

Substrate

Assignment

1015

985

Aromatic
breathing

1195

1194

Ring Vibration

1312

1301

CH bending

1606

1599

CringN bending

1636

1631

C=C stretching

185

ring

Table C.4 Number of molecules of CV, MG and BPE on the surface
(no PDMS coating) area (laser spot area) of the substrates
Concentration

Laser Spot Area

(M)

# molecules on spot
area

10-13

0.780 µm2

⁓2 X 101

10-12

0.780 µm2

⁓2 X 102

*Assumption = no molecules diffusing through the surface and
number of molecules increases linearly on the surface with the
increase of concentration
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Figure C.1 Water droplet on (a) 90% and (b) 97%
porous substrates. (c) water droplet on PDMS
surface of the PDMS coated CNF-MetCMC
substrate.
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Figure C.2 Isothermal (120oC) TG graph and (inset)
derivative TG graphs of the substrates.
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Figure C.3 (a) SEM of the AgNPs on the CNF-MetCMC
substrate (b) Average AgNP size distribution on the substrate
surface (c) XRD of AgNP-CNFMetCMC substrate surface.
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Figure C.4 Background spectra of neat and
Ag-substrates. Characteristic cellulose peaks
at 1095 cm-1 is visible in both spectra.
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Figure C.5 Comparison of contrast-to-noise (CNR) and normalized (N) CNR of
Raman peaks (1137 cm-1, 1335 cm-1, 1601 cm-1) of CV from different conditions:
CV on (a) wet and (b) dry Ag substrates; CV on (c) wet and (d) dry neat-substrates
(e) CV in welled slide Glass. Each data point is the average of three trials (10
measurements on each trial) where the sample standard deviation is shown. The
x-axis of the graphs has been labelled as original concentration values (molarity)
of the analyte solution.
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Figure C.6 Comparison of contrast-to-noise (CNR) and normalized (N) CNR of
Raman peaks (1190 cm-1, 1337 cm-1, 1594 cm-1) of MG from different conditions: MG
on (a) wet and (b) dry Ag-substrates; MG on (c) wet and (d) dry neat-substrates;(e)
MG in welled slide Glass. Each data point is the average of three trials (10
measurements on each trial) where the sample standard deviation is shown. The xaxis of the graphs has been labelled as original concentration values (molarity) of the
analyte solution.
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Figure C.7 Comparison of contrast-to-noise (CNR) and normalized (N) CNR of
Raman peaks (1194 cm-1, 1599 cm-1, 1631 cm-1) of 1,2-bis BPE on both (a) wet and
(b) dry state of the Ag-substrates. Each data point is the average of three trials (10
measurements on each trial) where the sample standard deviation is shown. The xaxis of the graphs has been labelled as original concentration values (molarity) of
the analyte solution.
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Figure C.8 CNR comparison (𝜂) of (a)1137 cm-1, (b) 1335 cm-1 and (c)1601 cm-1 of CV.
𝜂 of (d)1190 cm-1, (e) 1337 cm-1 and (f)1594 cm-1 of MG between dry and wet condition
of the substrate. Each data point is the average of three trials (10 measurements on
each trial) where the sample standard deviation is shown. The x-axis of the graphs has
been labelled as original concentration values (molarity) of the analyte solution.
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Figure C.9 Comparison of CNR (𝜂) between
Raman spectra of BPE on dry and wet Agsubstrates. The x-axis of the graphs has been
labelled

as

original

concentration

(molarity) of the analyte solution.
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